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ABSTRACT 
Phytophthora cinnamomi is a soil-borne plant pathogen that causes dieback, a disease 
that devastates many native vegetation ecosystems in Australia, particularly in south-
west Western Australia. Feral pigs have long been implicated as vectors in the spread 
of this introduced plant pathogen due to their contact with infested soil and foraging 
habits.  This  study  aimed  to  investigate  the  potential  for  feral  pigs  to  disseminate 
P. cinnamomi and to determine their role in the spread of dieback. 
Feral  pigs  trapped  in  three  sampling  areas  within  the  northern  jarrah  (Eucalyptus 
marginata) forest of south-west Western Australia were sampled for the presence of 
P. cinnamomi. Faecal (n=208) and soil samples (n= 140) were collected from trapped 
pigs.  In  addition,  374  faecal  and  36  soil  samples  were  also  collected  from  sites 
frequented by feral pigs. Phytophthora cinnamomi was not recovered from any of the 
faecal or soil samples. However saprophytic pathogens such as Mucor and Fusarium 
spp.  were  detected  in  the  faeces  and  Pythium  spp.  was  also  detected  in  the  soil 
samples,  suggesting  that  feral  pigs  can  act  as  vectors  for  the  spread  of  soil-borne 
pathogens. 
Stomach contents from 100 feral pigs trapped across the three sampling areas were 
analysed to investigate the proportion of P. cinnamomi susceptible plant matter present 
in the feral pig diet. A high frequency of plant material (85%) was found in the pig 
stomachs, of which 25.8% consisted of subterranean plant structures such as roots and 
tubers. Underground fruiting bodies of ectomycorrhizal fungi belonging to the genus 
Rhizopogon were also a significant food item. There was no statistically significant 
preference detected for food items by pigs between the three sampling areas, regardless  
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of sex and/or month of capture. However, older and larger pigs consumed significantly 
more bark (p= 0.0002). 
To further investigate the potential for P. cinnamomi to survive passage through the 
pig digestive tract a feeding trial was undertaken. Phytophthora cinnamomi inoculated 
millet (Panicum miliaceum) seeds, pine (Pinus radiata) plugs, and Banksia leptophylla 
roots  were  fed  to  pigs  and  subsequently  recovered  after  passage.  The  viability  of 
P. cinnamomi inoculated plant materials post digestion ranged from 25.5% to 98.3%. 
Detection for P. cinnamomi presence in the materials via qPCR confirmed a decrease 
in  P.  cinnamomi  DNA  with  increasing  time  to  passage.  These  investigations 
demonstrated  that  plant  material  infected  with  P.  cinnamomi  can  remain  viable 
following passage through the pig digestive tract suggesting that the plant material 
may provide protection for P. cinnamomi against the adverse conditions of the pig 
digestive tract. Subsequently, plant infection trials using infected pine plugs passaged 
through the pig digestive tract highlighted that material passaged 7 days after initial 
consumption  was  capable  of  infecting  healthy  susceptible  plants.  This  provides 
evidence that feral pigs have the ability to act as a vector for P. cinnamomi through the 
ingestion of infected plant materials.  
A species-specific fluorescent  in  situ hybridization (FISH) assay was  developed to 
enable the examination of P. cinnamomi within plant tissues. The probe was found to 
be specific for P. cinnamomi when tested against other Phytophthora, Pythium and 
enteric bacteria species. Using the FISH assay, the location of P. cinnamomi structures 
were detected within a variety of plant materials such as millet seeds, pine sections and 
root samples. Phytophthora cinnamomi structures such as hyphae and chlamydospores 
were found in the epidermal layer of millet seeds and within the axial rays of pine that 
were recovered after passage from the feeding trial. This aided understanding of how  
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viable  P. cinnamomi  were  able to  survive passage within these plant  materials.  In 
addition, the FISH assay was also successfully applied to both laboratory-cultured and 
naturally infected plant roots enabling detection of the pathogen in the intracellular and 
intercellular spaces of roots. The assay has proven to be a useful tool in the detection 
of P. cinnamomi structures within plant tissues. 
In conclusion, this study provides evidence that, whilst the potential consequences of 
pig-vectored dispersal of P. cinnamomi are high, the likelihood of feral pigs dispersing 
the  pathogen  through  transport  of  infested  soil  is  low.  Investigations  of  their  diet 
composition and the passage of viable P. cinnamomi has established the additional 
threat that feral pigs could spread ingested P. cinnamomi within organic substrates. 
This study has also highlighted the fact that there is still much to be learned about the 
interaction between the feral pig and the plant pathogen. Further research is therefore 
required  to  ensure  that  appropriate  management  decisions  for  both  species  can  be 
made.  
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CHAPTER 1 
General introduction 
The anthropogenic spread of invasive pest species around the globe has resulted in 
many  ecological  and  conservation  crises  due  to  the  resulting  degradation  and 
modification  of  both  terrestrial  and  environmental  communities  (Gurevitch  and 
Padilla, 2004). In addition, these species also have a significant impact on agricultural 
production. Invasive alien species are estimated to cause environmental damage and 
economic losses in excess of $120 billion per year in the United States alone (Pimentel 
et  al.,  2005).  In  Australia,  the  ten  most  damaging  vertebrate  pest  species  (which 
includes  feral  pigs)  are  estimated  to  cause  in  excess  of  $370  million  damage  to 
agriculture annually (McLeod, 2004).  
Invasive microbes, plants and animals pose a major threat to ecosystems; however the 
effect of interactions between invasive animal species and soil microbes is not well 
understood (van der Putten et al., 2007). It is theorised that invasive animals could 
serve as vectors for fungal pathogens of both native flora and fauna (Feio et al., 1999; 
Martin and Dale, 2001). Feral pigs have long been implicated as vectors in the spread 
of the plant pathogen Phytophthora cinnamomi due to their rooting and wallowing 
activities which predispose them to the transport of potentially infested soil (Masters, 
1979; Choquenot et al., 1996). Foraging for underground plant material such as roots, 
tubers and bulbs may  also lead to the ingestion of infested material  which can be 
spread following passage through the pig digestive tract. 
Despite the presence of both feral pigs and P. cinnamomi in many habitat types around 
the world, very little is understood of the compounding potential of these two highly 
destructive and invasive species. The individual impacts that both these species can  
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effect  on  the  environment  has  placed  them  amongst  the  "World's  Worst"  invasive 
species (Lowe et al., 2000). In addition, both feral pigs and P. cinnamomi have been 
identified as Key Threatening Processes in Australia which means they threaten, or 
could threaten, the survival or evolutionary development of species, populations or 
ecological  communities  (DEH,  2005;  DEWHA,  2008).  This  thesis  investigates  the 
hypothesis that the introduction of both feral pigs and the soil-borne plant pathogen 
P. cinnamomi, both significant invasive species in their own right, have a potentially 
compounded impact on the environments into which they are introduced due to the 
accelerated spread of the pathogen through feral pig movement. 
1.1 The feral pig as an invasive species in Australia 
Feral  pigs  (Sus  scrofa)  are  recognised  as  an  exotic  and  invasive  species  in  many 
regions around the world (Choquenot et al., 1996; Long, 2003). The success of feral 
pigs  as  an  invasive  species  can  be  attributed  to  their  biology  and  ecological 
characteristics. Their large robust bodies, snouts specially developed for rooting up the 
ground, omnivorous diet and adaptive activity patterns have enabled them to colonise a 
wide range of habitats (Groves and Giles, 1989; Choquenot et al., 1996).  
Feral  pigs  use  their  snout  for  digging  up  soil  so  they  can  access  underground 
invertebrates,  roots,  tubers  and  plant  bulbs.  Their  opportunistic  feeding  habits  and 
omnivorous diet allow them to exploit various temporarily abundant food sources such 
as fruits and seeds, foliage and stems, rhizomes, bulbs and tubers, fungi and animal 
material  (Giles,  1980;  Choquenot  et  al.,  1996).  They  have  been  observed  to 
successfully  invade  both  virgin  and  disturbed  environments  aided  by  a  high 
intelligence to evade capture, rapid rate of population replacement with breeding all  
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year  round  and  extreme  generalist  diet  of  carrion,  tubers,  roots,  seeds,  fruit  and 
invertebrate prey (Masters, 1979).  
1.1.1 Description of the Australian feral pig 
Feral pigs  (Sus scrofa) belong to the Old World Family Suidae consisting of nine 
species (Figure 1.1) classified into five genera: Babyrousa (babirusa); Phacochoerus 
(warthogs); Hylochoerus (giant forest pigs); Potamochoerus (bush pigs); and Sus (wild 
boar, feral and domestic pigs) (Choquenot et al., 1996). Feral pigs (Figure 1.1A) are 
distinguishable from other species of Sus (S. barbatus, S. celebensis and S. verrucosus) 
by their lack of facial warts, sparser, longer and coarser hair type and different skull 
characteristics as seen in Figure 1.1, and from the pygmy hog (S. salvanius), by their 
larger size, longer tail and three additional pairs of nipples (Choquenot et al., 1996). 
 
 
Figure 1.1 The members of the Suidae family. A, Australian feral pig (Sus scrofa). B, Sus 
barbatus.  C,  Sus  celebensis.  D,  Sus  verrucosus.  E,  Sus  salvanius.  F,  Babyrousa.  G, 
Phacochoerus. H, Hylochoerus. I, Potamochoerus. Bar represents 50 cm. Sourced from: A: 
Mitchell (2010). B, F and I: http://animaldiversity.ummz.umich.edu/site/accounts/pictures/Suidae.html. C: 
http://www.wildborneo.com.my.  D  and  E:  http://mamiferosdomundo.blogspot.com.au/2011/04/familia-suidae.  
html. G:  http://travel.mongabay.com/jeremy_hance/botswana/chobe_1166.html. H:  http://sarathcr.blogspot.com 
/2010/12/more-wildlife-from-bale-mountains.html.   
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The growth potential of Australian feral pigs is similar to domestic pigs, although 
growth  development  tends  to  be  stunted  by  the  harsh  environmental  conditions 
common across much of Australia. Availability of food quantity and quality in good 
seasons  provide  the  potential  for  rapid  growth  and  expansion  in  the  feral  pig 
population due to their wide habitat range and non-fastidious omnivorous diet (DEH, 
2005). Depending on the quality of habitat, adult females usually weigh 75 kg while 
males usually weigh between 75–115 kg (Choquenot et al., 1996).  
Reproduction of feral pigs occurs all year and sows are able to produce two litters per 
year  if  favourable  seasonal  conditions  prevail  (Masters,  1979;  Giles,  1980).  Sows 
reach sexual maturity at 7–12 months of age and have a 21 day oestrus cycle with a 
gestation period of 112–114 days (Masters, 1979; Giles, 1980; Pavlov, 1980). The 
average size of litters varies from 4–10 piglets depending on sow‘s age, weight and 
food supply (Choquenot et al., 1996). This potentially high reproductive rate gives 
feral pig populations the capacity to recover quickly from natural setbacks or control 
programs  and  is  a  major  factor  of  consideration  in  management  strategies.  This 
capacity was demonstrated in the Fitzroy River region of Western Australia, where 
only 11 pigs were known to be alive in the 15000-ha study area after a 1080 (sodium 
fluoroacetate) baiting program. Revisitation of the study site after 12 months observed 
an estimated  population recovery of 20–23%  from  prebaiting  levels  (Twigg  et  al., 
2006). 
1.1.2 Origin and history of the Australian feral pig 
Most feral pigs in Australia are descendants of various breeds of the Eurasian wild 
boar  or  the  domestic  pig,  with  the  main  founder  breeds  most  probably  being  the 
European Berkshire and Tamworth as these were the common breeds early explorers 
imported on their voyages (Choquenot et al., 1996). However, a recent phylogenetic  
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study by Gongora et al. (2004) has shown that both the European and Asian pig breeds 
have contributed to the origin of the Australian feral pig population. 
Pigs were introduced to Australia and numerous offshore islands by early European 
settlers and explorers, as well as sealers and whalers, as a ready food source in the 
event  of  shipwreck  (Choquenot  et  al.,  1996).  No  evidence  of  association  between 
Aborigines and pigs was found prior to European arrival. This is demonstrated by the 
lack of the word ‗pig‘ in any of the Aboriginal languages (Pullar, 1950). The earliest 
documented successful introduction of pigs into Australia was in 1788 with the First 
Fleet. An earlier attempt by Captain Cook to introduce pigs at Cooktown, Queensland, 
in 1770 was unsuccessful due to a fire lit by local Aborigines (Pullar, 1953).  
The  spread  of  pigs  throughout  Australia  was  subsequently  facilitated  by  European 
movements  and  colonisation.  In  1827  pigs  originally  sourced  from  Timor  were 
released  into  the  wild  in  the  Northern  Territory  following  the  abandonment  of  a 
settlement,  whilst  in  1838  pigs  were  also  recorded  to  have  been  imported  from 
Indonesia to the Northern Territory (Pullar, 1950; Pullar, 1953). Movement of pigs 
between states also occurred in 1838 and 1843 when pigs were imported from New 
South  Wales  to  the  Northern  Territory  (Letts,  1962).  In  Western  Australia,  the 
presence of white phenotype is interpreted as an indication of recent additions to the 
population (Masters, 1979). This was observed as when settlements move south from 
Dwellingup to Kirup forestry divisions, the proportion of animals of recent feral origin 
increased (Masters, 1979). 
During colonial times, domestic pigs were often kept under semi-feral conditions as 
settlement progressed across the states. Pigs were allowed to range freely to forage for 
food in the landscape, ultimately leading to the establishment of true feral populations 
after escaping or wandering from human habitations (DEH, 2004). Deliberate releases  
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to start new colonies or to improve the conformation of existing feral pig populations 
and recreational hunting have been and continue to be practised.  
To this day, pigs are still being introduced, both accidentally  due to  escapes  from 
piggeries or truck accidents and deliberately by recreational hunters throughout many 
parts of Australia (Choquenot et al., 1996). Some members of the community still 
view feral pigs favourably as a food, commercial and recreational hunting resource 
(DEH,  2005).  Feral  pigs  are  regarded  by  some  as  a  valuable  asset,  providing  a 
commercial and food resource despite the fact that they severely damage large areas of 
pasture and rangeland (Patten, 1974). 
1.1.3 Distribution of the feral pig in Australia 
Feral pigs have a relatively thick skin that has sparse hair cover and limited ability to 
sweat (Bracke, 2011). Thus they rely heavily on convection to regulate their body 
temperature (Huynh et al., 2005). High ambient temperatures require them to drink 
more  often  and  wallow  in  water  or  mud  to  cool  off.  Hence,  they  have  strict 
requirements  that  limit  their  distribution  within  habitats,  including  daily  access  to 
water  and  suitable  shelter,  particularly  at  times  when  temperatures  regularly  reach 
30°C  (Baber  and  Coblentz,  1986;  Oliver  et  al.,  1991).  Dense  cover  is  a  preferred 
habitat  for  protection  from  the  sun  (Dexter,  1998).  Poor  heat  tolerance  and  daily 
requirement  for  water  and  dense  shelter  consequently  restricts  their  distribution  to 
watercourses and associated floodplains in inland or seasonally dry areas of Australia 
(Choquenot  et  al.,  1996).  Hence  feral  pig  abundance  was  found  to  be  highest  in 
wetlands,  floodplains  and watercourses. Habitats close to  water bodies  presumably 
provide a ready water source with abundant and rich food resource hence enticing the 
pigs to congregate at these locations.  
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Population densities vary with location but estimates are 1 pig km
-2 in woodland and 
forest, and as many as 10–20 pigs km
-2 in wetlands and floodplains (Choquenot et al., 
1996). For example, Masters (1979) estimated a density of 1–4 pigs km
-2 in the jarrah 
forest  of  Western  Australia,  while  Giles  (1980)  estimated  8–17.5  pigs  km
-2  in  the 
Warren wetlands compared to 0.2–0.8 pigs km
-2 in the semi-arid rangelands of New 
South Wales. Similarly, Saunders and Bryant (1988) estimated the pig density in the 
wetlands of Macquarie Marshes, New South Wales to be 10.3 pigs km
-2. Furthermore, 
Hone  (1990b)  estimated  the  pig  density  in  the  floodplains  of  Adelaide  and  Mary 
Rivers of Northern Territory, to be 10.2 pigs km
-2 during wet season. Seasonal changes 
was also observed during the dry season, when pig density in the floodplains decreased 
to 2.2 pigs km
-2, while pig density in swamps increased from 2.6 pigs km
-2 in wet 
season to 10.9 pigs km
-2 during dry season (Hone, 1990b). This suggests that feral pigs 
moved from floodplains to swamps when the season turned dry indicating their affinity 
to water bodies. These data also emphasised the need for feral pigs to remain close to 
water bodies and the type of habitat feral pigs preferred to occupy. Modification of the 
Australian environment for farming has enabled the persistence and spread of feral pig 
populations  in  many  regions  due  to  construction  of  water  sources  and  increased 
consistency in the availability of food resources.  
Whilst detailed abundance data for feral pig populations across Australia is not readily 
available, Hone (1990a) estimated that there are 13.5 million feral pigs in Australia 
occupying 38% of the continent. However, the ratio method estimate used by Hone 
(1990a) to predict the national feral pig abundance also estimated that pig numbers 
could range from 3.5–23.5 million at 95% confidence interval. The precise estimate is 
difficult to model due to few abundance data that are available, variations between the 
habitats which are utilised by feral pigs, and poor mapping data of the habitats. Most  
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of the Australian feral pig populations occur in a broad band across Queensland, New 
South Wales, Western Australia and the Northern Territory (Figure 1.2). 
 
 
 
Figure  1.2  The distribution and abundance of  feral  pigs  (Sus  scrofa) in Australia. 
Sourced from West (2008). 
 
In Western Australia, the establishment of feral pig populations tended to follow the 
spread of settlements. Early feral pig colonies avoided the more rugged parts of the  
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Darling Ranges by forming on the Swan Coastal Plain during the transition into a free-
roaming domestic state (Masters, 1979). The distribution of feral pigs in north-western 
Australia  is  disjunct  and  mainly  restricted  to  the  major  rivers  and  associated 
floodplains,  particularly  in  the  Kimberly  region  (Choquenot  et  al.,  1996).  In  the 
Fitzroy River region of Western Australia, Twigg et al. (2005) estimated the density of 
the feral pig population to be 3 pigs km
-2 across the 15000-ha study area. Further 
south, they are restricted to the coastal agriculture areas north of  the central west, 
Geraldton and Northampton in particular, and large areas of the jarrah (Eucalyptus 
marginata) forest and adjacent farming areas throughout the south-west (VRS, 2000).  
Masters (1979) observed that feral pig activity levels in south-west Western Australia 
were  consistently  high  in  association  with  the  major  river  systems,  particularly  in 
restricted access, forest quarantine areas. Masters (1979) estimated that the south-west 
Western Australia pig population was 10,000 pigs, with a population density of 1 pig 
km
-2  in  majority  of  the  jarrah  forest  area  because  the  area  was  considered  to  be 
unfavourable  for  pigs.  However,  when  habitat  conditions  were  better,  more  pigs 
congregrate. For example, it was estimated that the density was 2−4 pigs km
-2 in the 
South  Dandalup  Dam  (Masters,  1979).  At  this  time,  the  feral  pig  population  was 
observed to have adapted to the conditions of the south-west jarrah forest as their 
numbers continued to increase. There is, however a lack of data available on recent pig 
population  numbers  in  the  jarrah  forest  and  the  south-western  regions  of  Western 
Australia as a whole. 
1.1.4 Home range and movement pattern of the feral pig in Australia 
Numerous studies have been conducted to monitor the movement patterns of feral pigs 
in Australia to gain insight on population density, home ranges, activity patterns and 
habitat use. Twigg et al. (2006) observed that feral pigs seldom travel in group sizes  
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consisting of more than 3–6 pigs. Adult males over 50 kg were commonly observed to 
be solitary, while juveniles were usually found in groups of 3–6 (Twigg et al., 2006). 
In general, boars have larger home ranges than sows (Graves, 1984; Saunders and Kay, 
1991; Caley, 1997; Dexter, 1999). Singer et al. (1981) proposed that more aggressive 
and sexually motivated males travelled more than other males in search of breeding 
opportunities.  Smaller  home  ranges  of  sows  was  typically  attributed  to  restricted 
movements  when  raising  and  protecting  their  young  (Saunders  and  Kay,  1991). 
Mitchell et al. (2009) found that heavier pigs have larger home ranges due to higher 
resource requirements.  
Pigs in south-western Australia have very low dispersal levels and small home ranges 
(0.3–2.3 km
2) from the few field-based studies carried out in this region  (Masters, 
1979). Based on a study of feral pig genetics, Hampton et al. (2004), determined boars 
in south-western Australia dispersed over large distances (>30 km) while sows without 
offspring  were  capable  of  traversing  3–11  km  within  five  days.  Observations  by 
Masters (1979) also found that pigs in the region of Dwellingup, Western Australia 
remained in small home ranges close to wet gullies and proposed that this was due to 
the relative abundance of resources within these areas. 
Feral pigs generally do not move very far in response to minor disturbance, including 
infrequent  hunting  by  people,  and  usually  return  to  their  home  ranges  shortly 
afterwards  (Pullar,  1950;  Masters,  1979;  Saunders  and  Bryant,  1988;  McIlroy  and 
Saillard,  1989;  Caley,  1993).  Feral  pigs  can,  however,  shift  permanently  to  more 
remote areas if subjected to intensive or prolonged disturbance, such as large scale 
hunting or other control activities (Pullar, 1950; McIlroy and Saillard, 1989; McIlroy 
et al., 1989; Caley, 1993). Maximum linear distances that feral pigs are known to have 
covered in Australia are 55 km, over a period of two months, for a farrowing sow in  
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western  New  South  Wales  after  a  major  control  operation  (Saunders  and  Bryant, 
1988), and 23 km, over a period of at least two years, for two boars in response to 
flooding (Giles, 1980).  
1.1.5 Control measures for feral pig populations 
Due to their high intelligence and wariness, pigs have been noted for their adaptability 
to evade control efforts (Witmer et al., 2003). Populations are currently controlled by a 
variety of means,  including shooting  (both ground and helicopter based), trapping, 
poisoning and construction of exclusion fencing. Although shooting provides a quick 
knockdown, populations can recover rapidly between shooting programs (Saunders et 
al., 1993). In addition, shooting is a highly labour intensive control technique requiring 
large amounts of ongoing funds and resources. Trapping effectiveness is influenced by 
season, trap type and site (Saunders et al., 1993; Caley, 1994; Choquenot and Lukins, 
1996). Poisoning requires extensive free feeding to ensure significant knockdown of 
pig numbers and also poses the risk of poisoning non-target animals (Bryant et al., 
1984; Choquenot et al., 1996). Non-target bait uptake has been addressed by the recent 
development  of  a  PIGOUT
®  bait,  which  achieved  successful  delivery  of  the  toxic 
ingredient sodium fluoroacetate (1080) to feral pigs with minimal or  no non-target 
issues (Cowled et al., 2006). Exclusion fencing is only viable for relatively small areas 
of  high  conservation  or  agricultural  value  due  to  the  high  cost  associated  with 
constructing and maintaining these barriers which may also include electrification in 
some cases (Choquenot et al., 1996). 
These are short term control measures. However, potential long term control measures 
such  as  biological  or  fertility  control  strategies  are  currently  unavailable.  Whilst 
current research is focussing on improving our knowledge of feral pig biology and 
their impact on the environment (DEH, 2004), an integrated management approach  
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using a range of control techniques has been demonstrated to have the best results 
(Choquenot et al., 1996). Implementation of a combination of control techniques such 
as fencing, trapping, ground-hunting, hunting dogs, radiotelemetry tracking and the use 
of  Judas  pigs,  at  a  combined  cost  of  $2.6  million  ($46,000/km
2),  has  enabled  the 
eradication of pigs from a 57 km
2 area in the Pinnacles National Monument Park, 
California, USA (McCann and Garcelon, 2008). Another eradication plan by Parkes et 
al.  (2010)  combined  fencing,  aerial  shooting,  ground-hunting,  hunting  dogs  and 
radiotelemetry tracking, at a cost of $1.8 million for fencing alone. This eradication 
program  was  successful  in  removing  pigs  from  the  25,000  ha  Santa  Cruz  Island, 
California, USA. Reinvasion into the Pinnacles National Monument Park is expected 
to  be  minimal  due  to  the  erection  of  exclusion  fencing  however  implementing 
eradication programs such as these require substantial funds and ongoing operational 
involvement to ensure success. 
1.1.6 Impacts of feral pigs 
Feral pigs are generally regarded as environmental and agricultural pests in many parts 
of  the  world  including  Australia,  New  Zealand,  USA  and  Europe  (Masters,  1979; 
Long, 2003; DEH, 2005), and they are recognised internationally as among 100 of the 
"World's  Worst"  invaders  on  the  Global  Invasive  Species  Database  (Lowe  et  al., 
2000). Direct biological impacts result from predation, rooting, trampling, tusking or 
rubbing trees and competition with native fauna due to consumption of plants and soil 
organisms (DEH, 2005). Physical impacts and costs are incurred due to damage to 
infrastructure such as fences, pollution and damage to water sources and destruction of 
pasture,  broad  acre  and  horticultural  cropping  (McLeod,  2004).  Based  on  these 
impacts,  McLeod  (2004)  estimated  that  feral  pigs  cause  agricultural  losses  within 
Australia in excess of $100 million per annum.  
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While  agricultural  damages  can  be  assessed  in  terms  of  economic  loss,  ecological 
impacts are more difficult to estimate as some environmental damage may be chronic 
and discernable only over a long timeframe. There have been few studies that quantify 
the extent of environmental damage caused by feral pigs (McLeod, 2004). However, 
the disturbance of soil and vegetation (Figure 1.3), as a direct result of pig activity are 
commonly observed and indicate a significant level of environmental damage to both 
natural  habitat  and  wildlife  species  (Masters,  1979).  For  example,  Hone  (1988) 
observed feral pig rooting in 27 of the 29 grids, each 1 km
2, covering 13.33% of the 
29 km
2 plot in Namadgi National Park, Australian Capital Territory.  
 
 
Figure 1.3 Damage to the environment caused by feral pigs (Sus scrofa). Photo image 
courtesy of P. Adams.  
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A study by Mitchell et al. (2007) to quantify the level of ecological damage caused by 
feral pigs found that feral pig diggings appear to have no impact on the amount of 
ground  litter,  root  mass,  earthworm  populations,  or  soil  moisture  in  their  study 
conducted  in  a  rainforest  near  Cardwell,  north  Queensland.  However,  feral  pig 
presence was found to negatively influence seedling survival, with a 37% decrease in 
seedling numbers observed in unprotected plots compared to plots protected from feral 
pig digging by exclusion fencing over a two year period. Therefore, feral pigs pose a 
threat through the degradation of habitat for, and ultimately the survival of, wildlife 
fauna with many anecdotal recordings of this throughout the diverse ecosystems of 
Australia where feral pigs are found. 
Selective feeding, trampling damage and rooting of underground parts of plants have a 
huge impact on vegetative compositions with large areas of vegetation often affected. 
These  impacts  are  most  commonly  observed  along  the  edges  of  watercourses  and 
swamps (Figure 1.4), with the associated loss of vegetation leading to erosion and loss 
of feeding and nesting sites for native wildlife (DEH, 2005). For example, Challies 
(1975) found that feral pigs in Auckland, New Zealand fed chiefly on the large-leaved 
species of Pluerophyllum, Stilbocarpia, and Anistome, and have virtually eliminated 
these species from accessible sites. Given the impact on vegetation, Challies (1975) 
also noted the pigs‘ impact on nesting sea bird populations which was evident due to 
destruction of nesting habitat  and suspected predation on adult and fledgling birds 
alike.   
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Figure  1.4  Digging  and  wallowing  activities  of  feral  pigs  (Sus  scrofa)  near  a 
watercourse. Photo image courtesy of P. Adams.  
 
Feral pigs have been observed to predate on, compete with, or disturb native wildlife 
(Choquenot et al., 1996). For example, feral pigs have been documented as having 
destroyed breeding sites and ruined key habitats of several native amphibians including 
the  endangered  white-bellied  (Geocrinia  alba)  and  orange-bellied  frogs  (Geocrinia 
vitellina)  in  Western  Australia  as  well  as  the  corroboree  frog  (Pseudophryne 
corroboree) in the southern tablelands of New South Wales and the Australian Capital 
Territory (DEH, 2004). 
1.1.7 Feral pigs as vectors for microbial pathogens 
Feral pigs have earned the status of invasive pest species in Australia and contact with 
both human and animal populations could result in the spread of microbial pathogens.  
16 
 
Pigs have been shown to pose a risk as vectors or hosts for the spread of endemic and 
exotic diseases impacting human, native and domestic animal populations (Choquenot 
et al., 1996; Pimentel et al., 2001). For example, pathogens including Brucella suis 
(brucellosis) and Leptospira interrogans (leptospirosis) were isolated from feral pig 
populations in northern Queensland and New South Wales respectively, demonstrating 
the potential for feral pigs to act as vectors and serve as reservoirs for these pathogens 
(Norton and Thomas, 1976; Mason et al., 1998). Feral pigs have also been recognised 
as  potential  vectors  and  reservoirs  for  transmitting  exotic  animal  diseases  such  as 
swine fever and foot-and-mouth disease (Choquenot et al., 1996; Dexter, 2003).  
In addition to their potential to spread microbial pathogens of significance to animal 
and  human  health,  feral  pigs  have  also  been  anecdotally  implicated  in  the 
establishment and spread of soil and water-borne environmental pathogens including 
Phytophthora cinnamomi, the cause of the plant disease recognised as Phytophthora 
dieback throughout southern Australia (Choquenot et al., 1996; DEWHA, 2008). Feral 
pigs  are  implicated  either  directly  as  vectors  or  indirectly  by  increasing  the 
susceptibility of the forest to the natural spread of the disease (Masters, 1979). Pigs 
could only serve as vectors but not hosts for the pathogen since they are not known to 
be  infected  by  P.  cinnamomi  including  development  of  disease  and/  or  immunity 
against the pathogen. 
The geographic distribution and feeding and rooting behaviours of feral pigs described 
above predispose them to direct contact with P. cinnamomi highlighting the potential 
for them to spread this pathogen. Field-based observations suggest that feral pigs may 
be responsible for the establishment of new P. cinnamomi infestations (Brown, 1976; 
Masters, 1979; M. Stukely, pers. comm.). Pigs can carry infested soil on their bodies  
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(Kliejunas  and  Ko,  1976),  which  can  result  in  the  transport  of  P. cinnamomi  to 
susceptible upland sites accelerating the natural spread of this pathogen.  
The disturbance caused by feral pigs while foraging for food could also increase the 
susceptibility  of  sites  to  P.  cinnamomi  infection.  Shea  (1975)  reported  that  any 
disturbance which reduces canopy and litter cover increases average soil temperature 
and  extends  the  period  during  which  sites  are  more  susceptible  to  infection  by 
P. cinnamomi.  Whilst  there  is  no  definitive  evidence  that  feral  pigs  increase  the 
susceptibility of the forest to infection, numerous studies have identified an association 
between the establishment of new P. cinnamomi infections and the digging activities 
of  feral  pigs  (Brown,  1976;  Masters,  1979;  M.  Stukely,  pers.  comm.).  Clearly  the 
involvement of feral pigs in the spread of P. cinnamomi is largely unknown and further 
work  is  required  to  better  understand  their  role  in  the  dissemination  of  this  plant 
pathogen. 
1.2.  Phytophthora  cinnamomi  as  an  invasive  pathogen  in 
Australia 
The genus Phytophthora includes many plant pathogens responsible for a range of 
diseases in plant species worldwide. The name Phytophthora means ―plant destroyer‖ 
in Greek and reflects the destructive potential of these pathogens to susceptible plants 
(Zentmyer, 1983). Phytophthora spp. are devastating pathogens of plants worldwide 
with  virtually  every  dicotyledonous  plant  and  several  monocotyledonous  species 
affected by one or more species of Phytophthora (Kamoun, 2003).  
The broad host range of many Phytophthora species also means that it is possible for 
several  species  to  be  present  in  a  single  system  at  any  one  time.  For  example,  
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P. cinnamomi,  P. citricola,  P.  citrophthora,  P.  crytogea,  P.  drechsleri, 
P. gonapodyoides,  P.  haveae,  P.  lateralis,  P.  megasperma,  P.  nicotianae  and 
P. syringae  are  all  root  pathogens  isolated  from  woody  ornamental  tree  species  in 
nursery systems with the possibility of spread to wherever the plants are introduced 
(Hardy and Sivasithamparam, 1988; Ferguson and Jeffers, 1999). The diseases they 
cause  result  in  vast  economic  damage  to  important  agricultural  species  such  as 
potatoes, tomatoes, peppers, soybeans, and alfalfa as well as environmental damage to 
natural ecosystems (Kamoun, 2003). 
There  are  currently  in  excess  of  100  Phytophthora  species  described  worldwide 
although it is estimated that another 100–500 Phytophthora species of economic and 
ecological significance could yet be discovered (Brasier, 2009). To date, 32 known 
species of Phytophthora occur across Australia, including 14 species recorded within 
native  ecosystems  (DEWHA,  2008).  Phytophthora  cinnamomi,  P. multivora, 
P. cryptogea and P. megasperma are currently known to cause significant damage to 
trees in the wild habitats. Of these, P. cinnamomi Rands (1922) is the most widespread 
and  devastating  in  Australia  (Weste  and  Marks,  1987;  Erwin  and  Ribeiro,  1996; 
Colquhoun and Hardy, 2000; DEWHA, 2009).  
The highly invasive plant pathogen P. cinnamomi is known to infect over 3000 plant 
species worldwide including many agricultural, ornamental and forest species (Erwin 
and Ribeiro, 1996; Hardham, 2005). This is a remarkable range for a plant pathogen 
and highlights the effectiveness of P. cinnamomi as an aggressive primary pathogen. 
The pathogen has been estimated to cost the Australian economy $1.6 billion over the 
course of a decade (Carter, 2004). Phytophthora cinnamomi is present in all states and 
territories of Australia and is responsible for destroying the habitats of many rare and 
endangered  flora  and  fauna  species  (DEWHA,  2008).  The  detrimental  impacts  of  
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P. cinnamomi on biodiversity led to it being listed as a key threatening process under 
the  Environment  Protection  and  Biodiversity  Conservation  Act  (DEWHA,  2009). 
Furthermore it is also recognised internationally as among 100 of the "World's Worst" 
invaders on the Global Invasive Species Database (Lowe et al., 2000). 
1.2.1. Phytophthora cinnamomi in Western Australia 
In Western Australia, the most prevalent Phytophthora species is P. cinnamomi, where 
it is a major soil-borne pathogen in native vegetation throughout the south-western 
region of the state (Shearer, 1994; Shearer et al., 2004). Shearer et al. (2004) estimated 
that  40%  of  the  5710  plant  species  in  the  South-west  Botanical  Province  are 
susceptible to P. cinnamomi infection. Many susceptible species belong to the families 
Dilleniaceae,  Epacridaceae,  Fabaceae,  Proteaceae,  and  Xanthorrhoeaceae  which 
together  form  a  large  component  of  the  jarrah  forest  understorey  and  shrub  layer 
(Newhook and Podger, 1972; Shearer and Tippett, 1989).  
Infection  of  plants  with  P. cinnamomi  has  major  ecological  consequences  such  as 
decline  in  species  richness  and  plant  abundance  resulting  in  degradation  of  faunal 
habitat and a greater occurrence of soil erosion (Newhook and Podger, 1972; Hardy et 
al., 1996). The impact of P. cinnamomi is severe in the jarrah forest which is the area 
of interest for this study, due to the co-existence of P. cinnamomi and feral pigs.  
1.2.2. History of Phytophthora cinnamomi in the jarrah forest 
In 1922, Rands initially described P. cinnamomi when it was discovered to be the 
pathogenic agent for stripe canker on cinnamon plants in Sumatra (Zentmyer, 1985). 
Phytophthora cinnamomi is believed to have been introduced into Western Australia 
possibly within infested soil with imported fruit trees and garden plants from orchards 
and European style gardens to the timber towns that were established south-east of  
20 
 
Perth during the late 1800‘s (Shearer and Tippett, 1989; Colquhoun and Hardy, 2000). 
Infested soil on road construction machinery brought into Western Australia from Asia 
could also have been a possible source of introduction for the pathogen (Podger, 1972; 
Shearer and Tippett, 1989). However, definite details of how or when P. cinnamomi 
entered Western Australia are not available. 
Since the mid 1960s this invasive plant pathogen has been recognised as a cause of 
disease in native ecosystems throughout southern Australia. For example the jarrah 
forest  in  Western  Australia,  native  forests  in  East  Gippsland  and  woodlands  in 
Brisbane Ranges, Victoria and the Mount Lofty Ranges in South Australia have all 
been  recognised  to  be  under  threat  from  P.  cinnamomi  (Podger,  1968;  DEWHA, 
2008). In Western Australia, the jarrah forest has been the focus of research for this 
pathogen as it has had a considerable impact on the ecology and management of this 
ecosystem  (Shearer  and  Tippett,  1989).  Early  research  on  P.  cinnamomi  within 
Western Australia was focused on the jarrah forest driven by the economic importance 
of this hardwood species (Hardy, 2000). 
The introduction of P. cinnamomi into uninfested areas is mainly associated with the 
movement of soil or infested plant material harbouring the pathogen typically as a 
result of human activities (Hardy et al., 2001). These include road building, timber 
harvesting,  wildflower  picking,  bush-walking,  four-wheel  driving,  firebreak 
management and planting diseased nursery stock (Shearer and Tippett, 1989; Hardy et 
al., 2001). For example, infected gravel collected from under areas of dead jarrah for 
road building between 1921 and 1964, prior to the discovery of the causal agent of 
disease, contributed significantly to the spread of the pathogen to many areas of the 
jarrah forest and beyond (Hardy et al., 2007).  
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Prior  to  the  introduction  of  voluntary  hygiene  practices  by  the  nursery  industry, 
nursery stocks were also considered one of the main vectors for P. cinnamomi spread 
in ornamental and agricultural plant materials  (Hardy and Sivasithamparam, 1988). 
This  remains  the  case  for  many  plant  materials  produced  under  less  hygienic 
conditions in nurseries that do not follow industry best practices (Davison et al., 2006). 
Other  key  factors  include  the  spread  of  the  pathogen  from  infested  sites  by  water 
movement and transport of soil on vehicles and footwear as well as peripatetic fauna 
species (DEWHA, 2008).  
Limited research has been carried out to determine the extent of animal vectoring of 
P. cinnamomi. Feral pigs have been shown to carry viable P. cinnamomi in soil lodged 
in their hooves (Kliejunas and Ko, 1976), whilst horses (Equus caballus) and woylies 
(Bettongia penicillata) have been implicated in the spread of the pathogen (Newsome 
et al., 2002; Palmer, 2009). However, humans are recognised as the main dispersers of 
the pathogen throughout Australia (Cahill et al., 2008).  
1.2.3. Biology of Phytophthora cinnamomi in the jarrah forest 
Phytophthora cinnamomi is a soil-borne plant pathogen and requires moist conditions 
for  survival,  sporulation  and  dispersal  (Shearer  and  Tippett,  1989).  The  pathogen 
survives on the products of killed host cells or in organic matter within the soil (Cahill 
et al., 2008). Phytophthora cinnamomi has a complicated life cycle, with many life 
forms enhancing its survival in soil (Zentmyer, 1983).  
When conditions are moist and warm, the pathogen enters an asexual sporulation cycle 
(Figure  1.5).  Microscopic  spore  sacks,  called  sporangia,  and  thick  walled 
chlamydospores are produced vegetatively from mycelial strands (hyphae) that form 
the  body  of  the  pathogen  in  soil  or  host  tissue  (Shearer  and  Tippett,  1989).  The  
22 
 
multinucleate sporangia cleave and release 20–30 uninucleate, biflagellate zoospores. 
The zoospores encyst and form wall cysts (Hardham, 2005). The cysts produce germ 
tubes that penetrate host plant tissue. 
Within the plant, the germ tube branches form hyphae that colonise the plant tissues 
and destroy the root and stem tissues of susceptible species (Shea et al., 1982; Tippett 
et al., 1987). The hyphae can produce sporangia on the plant surface within 2 or 3 days 
(Hardham, 2005). Plant to plant spread can also occur when mycelial growth from the 
infected host comes in contact with the roots of adjacent plants (Figure 1.5). 
 
 
Figure 1.5 The asexual disease cycle of Phytophthora cinnamomi in soil leading to 
infection within plants. Sourced from McCabe and Kilgour (2008).  
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The various types of spores, as well as vegetative hyphae, of P. cinnamomi are capable 
of initiating new infections under suitable conditions. During periods of unfavourable 
temperature and moisture conditions, P. cinnamomi is thought to survive primarily as 
chlamydospores and mycelium within the soil and host tissues (McCarren et al., 2005). 
Chlamydospores  are  able  to  survive  and  multiply  for  up  to  eight  months  within 
infected gravel free of a host (Weste and Vithanage, 1979). The production of large 
numbers of chlamydospores can persist in symptomless plants, debris and soil for a 
number of years (Zentmyer and Mircetich, 1966). These infection sources enable the 
prompt  restoration  of  the  P.  cinnamomi  population  when  conditions  become 
favourable. Rapid production of infective zoospores further enhances the persistence 
and spread of this pathogen to new host plants (Weste and Vithanage, 1978). 
Phytophthora cinnamomi is a heterothallic species that requires both mating types (A1 
and A2) to undergo sexual reproduction of long-lived oospores. Sexual oospores form 
within an oogonium after fertilisation from a compatible antheridium (Elliott, 1983). 
Oospores are produced less frequently than chlamydospores in soil, suggesting that 
reproduction of P. cinnamomi is most commonly asexual (Dobrowolski et al., 2003). 
In the jarrah forest, only the A2 mating type has been recovered to date (Hardy et al., 
2007).  
Phytophthora cinnamomi has very specific requirements for sporangium production 
(Table  1.1)  and  inherent  soil  properties  must  occur  to  stimulate  the  formation  of 
sporangia including optimal temperature, moisture and aeration conditions (Shearer 
and Tippett, 1989). Conditions such as soil temperature, soil fertility and soil water 
matrix  potential  and  soil  water  content  in  the  jarrah  forest  are  favourable  for  the 
survival  and dissemination of the pathogen in  autumn through to  early  summer in 
many areas (Hardy, 2000).   
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Table 1.1 The conditions and seasons for the survival and persistence of Phytophthora 
cinnamomi in the jarrah (Eucalyptus marginata) forest. 
 
Stages in life 
cycle 
Favourable 
conditions 
Unfavourable 
conditions  Comments  References 
Sporangium 
production 
Spring and autumn: 
warm, moist and 
aerobic conditions 
in stimulatory soils. 
Summer: moisture 
is limited by warm 
surface soil 
temperature. 
Most sporulation 
occurs at 
temperatures 
between 25–30°C. 
Few sporangia 
produced at 12
oC 
after 48hrs. 
(Duniway, 
1983; Hardy 
et al., 2007) 
Zoospore release 
from sporangia 
Spring: wet soil 
conditions and 
fluctuating 
temperature favour 
the release of 
motile zoospores 
from sporangia. 
Summer: Adverse 
effects of lethal 
temperature and 
low soil moisture 
unfavourable for 
survival. 
Floristic composition 
or hot fire had no 
effect on zoospore 
release. 
(Cary, 1982; 
Duniway, 
1983; 
Shearer and 
Tippett, 
1989) 
Chlamydospores  Thin walled 
chlamydospores 
formed when 
exposed to 20–
37
oC and moist 
conditions. 
  Can survive and 
multiply for up to 
eight months in 
infected gravel free 
of a host. 
(Weste and 
Vithanage, 
1979; 
McCarren et 
al., 2005) 
 
The release of motile zoospores from sporangia into the free water within the soil can 
also contribute to the spread of P. cinnamomi throughout the jarrah forest. Zoospores 
have flagellae and can swim for short distances in standing water or in water within 
soil pores, or  can be transported by the mass  flow of surface or subsurface water 
(Shearer and Tippett, 1989; Hardy et al., 2007). As a consequence, the pathogen is 
spread along watercourses and downhill from initial infection sites (Weste and Ruppin, 
1975).  
The interaction between pathogen and host starts with infection, as seen in Figure 1.5. 
Zoospores are thought to be primarily responsible for the initiation of most infections 
(Shearer and Tippett, 1989). They are attracted chemo-tactically to the growing tips of 
roots of a very wide range of plant species (Shearer and Tippett, 1989; Hardham, 2005; 
Hardy  et  al.,  2007).  Warm  and  moist  conditions  in  spring  or  summer  favour  the  
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production and dispersal of zoospores, as well as the initiation and growth of fine roots 
(Dell and Wallace, 1983). Roots are vulnerable to infection soon after their growth 
initiation,  and  prior  to  the  development  of  an  ectomycorrhizal  cover  (Shearer  and 
Tippett, 1989). 
Infection results in hyphal proliferation within roots and destruction of all vascular 
tissues, causing the roots to rot. Infection of the roots of host plants by P. cinnamomi 
restricts the supply of water and nutrients to the other parts of the plant (Wilson et al., 
2000). Symptoms associated with P. cinnamomi infection include wilting, chlorosis, 
yellowing and retention of dried foliage, darkening of root colour and rapid death of 
the plant. In natural ecosystems, these symptoms are most readily observed in highly 
susceptible  understorey  plant  species  (Laidlaw  and  Wilson,  2003).  For  example, 
Banksia  grandis  is  readily  infected  by  P. cinnamomi  because  of  its  thin  bark  and 
proliferation of rootlets associated with specialised proteoid roots (Shearer and Tippett, 
1989). 
1.2.4. Distribution of Phytophthora cinnamomi in Australia 
Phytophthora cinnamomi has been recorded predominately from the Australian south 
coastal  regions  and  extending  northwards  along  the  eastern  coast,  as  shown  in 
Figure 1.6  (O'Gara  et  al., 2005).  It  has  been found to  cause disease in a range of 
vegetation  types,  including  stringybark  (Eucalyptus  obliqua)  and  silvertop  ash 
(E. sieberi)  forests  in  Victoria;  jarrah  (E.  marginata)  forests  in  Western  Australia; 
species-rich  woodland  and  heathland  communities  in  New  South  Wales,  Victoria, 
Western Australia and Tasmania, and the tropical rainforest of Queensland (Newhook 
and Podger, 1972; Weste, 1994; Gadek, 1999).  
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Figure  1.6  The  distribution  of  Phytophthora  cinnamomi  in  Australia.  Blue  dot 
represents  location  of  P.  cinnamomi  infestations.  Sourced  from  the  Centre  for 
Phytophthora Science and Management (CPSM), http://www.cpsm.murdoch.edu.au/. 
 
In the south-west of Western Australia it is found in areas receiving more than 400 mm 
annual rainfall between Jurien and east of Esperance (McCabe and Kilgour, 2008). 
Phytophthora cinnamomi  infested  areas  of  forest  are  most  frequent  on  the  western 
edge  of  the  Darling  Scarp  and  decrease  in  number  with  distance  towards  the  east 
(Figure  1.7).  This  pattern  of  affected  areas  results  from  the  interactions  between 
topography, climate, soil, drainage, vegetation and intensity of human activity, creating 
niches favourable for the pathogen (Shearer and Tippett, 1989).   
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Figure 1.7 The distribution of Phytophthora cinnamomi disease centres (□) in south-
west Western Australia. Sourced from Shearer et al. (2007). 
 
1.2.5. Impacts of Phytophthora cinnamomi on the environment 
Approximately  10%  of  plant  species  listed  as  nationally  threatened  under  the 
Commonwealth Environment Protection and Biodiversity Conservation Act 1999 are 
considered to be threatened by P. cinnamomi (McDougall et al., 2005). In the South-
west Botanical Province of Western Australia, where P. cinnamomi is most prevalent, 
it is estimated that 2285 of the 5710 native plant species are susceptible to infection by 
P. cinnamomi (Shearer et al., 2004). The potential impact of P. cinnamomi on native 
plants of south-west Western Australia is considered to be extreme given the vast plant 
diversity (Cahill et al., 2008). Most species of major plant families well represented in 
Western  Australia  are  highly  susceptible.  The  pathogen  also  flourishes  in  tolerant 
species  and  a  diversity  of  plant  hosts  provides  a  readily  available  food  base  for 
repetition of the life cycle (Shearer and Tippett, 1989).  
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The indirect effects of P. cinnamomi in terms of botanical impact through the loss of 
vertebrate and invertebrate pollinators, and loss of canopy and litter cover have yet to 
be determined (Hardy, 2000). However, recent studies indicate that the pathogen has a 
significant impact on native fauna due to loss of litter, understorey and overstorey 
canopy cover, food resources and refugia (Garkaklis et al., 2004). Despite the lack of 
work  investigating  the  impact  of  Phytophthora  dieback  on  faunal  populations  and 
communities there is a concern that the devastating impact of P. cinnamomi infections 
on plant communities can result in major declines in some animal species due to the 
loss  of  shelter  and  nesting  sites  or  food  sources.  The  greatest  impact  is  likely  to 
influence those species that require relatively dense species-rich shrublands or that 
have restricted diets (DEWHA, 2008). 
1.2.6. Detection methods for Phytophthora cinnamomi  
Since P. cinnamomi is a soil-borne pathogen, diagnosis and detection are encumbered 
by the inability to determine the disease status until above ground plant tissues display 
symptoms (Aberton et al., 2001). In addition, diagnosis of pathogens dependent on 
symptom  development  and  infection  may  be  too  late  for  introduction  of  effective 
management  practices  once  the  disease  is  established  (Eden  et  al.,  2000).  This  is 
especially  true  for  many  tree  and  soil-borne  infections  of  P.  cinnamomi,  where 
minimal symptoms are visible until after the pathogen is well established (Kong et al., 
2003). Therefore, detection assays that can quantify the proliferation of pathogens as 
well  as  accurately  diagnose  and  survey  suspected  infestation  areas  are  required  in 
managing diseases caused by P. cinnamomi (Judelson and Messenger-Routh, 1996).  
Baiting and/or plating, involving the isolation and culture of the pathogen in selective 
media  are  the  current  practices  for  detecting  and  identifying  Phytophthora  species 
(Greenhalgh, 1978; McDougall et al., 2002). The isolates are subsequently identified  
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by  traditional  macroscopic  and  microscopic  taxonomy  (Tsao  and  Guy,  1977). 
However, isolation/culture methods favour fast growing and readily cultured isolates 
resulting in misrepresentation of P. cinnamomi populations as the slower growing and 
dormant isolates of P. cinnamomi may be missed, with frequent false negatives (Marks 
and  Kassaby,  1974;  Tsao  and  Guy,  1977;  Hüberli  et  al.,  2000;  Davison  and  Tay, 
2005). These methods are time consuming and labour intensive, requiring a high level 
of  technical  expertise,  yet  are  error  prone  and  have  limited  throughput  rate.  As  a 
consequence,  they are inefficient and unreliable for  broad-scale  pathogen detection 
(Coelho  et  al.,  1997;  Dobrowolski  and  O'Brien,  1993).  This  limits  the  accurate 
diagnosis of Phytophthora infestations during early stages in the pathogen epidemic 
hence restricting the effectiveness of control measures (Kong et al., 2003).  
Baiting  detection  entails  submersing  soil  samples  in  water  and  floating  pieces  of 
susceptible  plant  material  including  Lupinus  angustifolius  seedlings,  Eucalyptus 
sieberi cotyledons and oak (Quercus ilex) leaves on the water surface for a few days 
(Moore and Hüberli, 2008). Consequently, the motile zoospores produced within the 
soil  will  colonise  the  bait  material  which  will  subsequently  be  plated  on  selective 
media to allow Phytophthora isolates to  grow and be isolated. When compared to 
direct plating methods, the isolation of P. cinnamomi within the baiting material before 
plating on artificial media will improve the likelihood of pathogen recovery (Tsao, 
1960). The low cost of using baiting methods for P. cinnamomi detection is offset by 
the requirement for skilled labour, variability in detection as well as the failure to 
detect low pathogen populations resulting in false negatives (Eden et al., 2000). 
Immunological  assays  have  been  developed  to  detect  various  plant  pathogens 
including  P.  cinnamomi  (Cahill  and  Hardham,  1994).  Such  methods  involve  the 
development of monoclonal antibodies which identify species-specific surface antigens  
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on  the  target  species.  Antibodies  targeting  a  surface  protein  on  P.  cinnamomi 
zoospores  have been developed by Cahill  and  Hardham  (1994). This  assay  allows 
quick detection and can be applied directly to soil samples, with sensitivity down to 40 
zoospores per milliliter in water. However, the use of the assay is limited by cross 
species  reactivity  and  is  dependent  on  a  particular  life  stage  expressing  the  target 
antigen (Cahill and Hardham, 1994). 
DNA detection methods for P. cinnamomi are increasingly being used because they are 
specific, rapid and sensitive (Alm et al., 2000; O'Brien, 2008). While the production of 
P. cinnamomi zoospores and growth on artificial media can vary, the presence of DNA 
is independent of the developmental stage and can be directly targeted for detection. 
Furthermore, DNA detection is consistent and faster than isolation culture methods 
(Bonants et al., 2003). DNA analysis methods are also being increasingly modified for 
high throughput and automated processing, reducing the expense of processing large 
quantities of samples considerably (Martin et al., 2000). As a result, many of the issues 
associated with traditional isolation culture and immunological-based techniques for 
detecting Phytophthora species are being overcome using DNA detection techniques 
(Coelho et al., 1997; O'Brien, 2008). 
The advent of polymerase chain reaction (PCR) assays has vastly expanded the use of 
molecular biology to a range of applied biological fields and PCR is one of the most 
efficient and practical DNA detection methods available (Monis and Andrews, 1998; 
Legay  et  al.,  2000).  DNA  amplification  uses  specific  oligonucleotide  primers  to 
hybridise to their complementary sequences on opposite strands of the template. The 
template-directed DNA synthesis (extension) then proceeds in both orientations from 
the primer sites by enzymatic catalysis with Taq polymerase (originally isolated from 
the bacterium Thermus aquaticus) (Gasser, 1999). The synthesis process is repeated  
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(usually) over 30–35 cycles in an automated thermocycler, and can take one to several 
hours to complete. The exponential amplification results in millions of copies of the 
target  DNA  template  being  produced,  which  are  then  available  for  subsequent 
manipulation or analysis (Gasser, 1999). Although PCR is unable to infer viability, the 
process is able to amplify DNA sequences from a single cell of the target organism, 
hence increasing the sensitivity of detection (Henson and French, 1993). For example 
Kong et al. (2003), demonstrated that PCR detection in soil-free artificially inoculated 
medium was 10 times more sensitive than baiting making PCR a very efficient and 
useful method for P. cinnamomi detection. 
These current methods are effective for P. cinnamomi detection but they fail to enable 
pathogen visualisation within the surveyed material (Greenhalgh, 1978; Eden et al., 
2000; Hüberli et al., 2000; Duncan and Cooke, 2002). Furthermore, there are also 
difficulties in locating and distinguishing the pathogen‘s propagules from spores of 
other endophytic fungi, especially in cases of coarse woody plant tissues (Shea et al., 
1980; Old et al., 1984; Schild, 1995). In addition, significant variation in P. cinnamomi 
morphology between isolates or under different growth conditions may occur (Daniel 
et al., 2003). Therefore, a detection technique that is species-specific and allows for the 
in  situ  visualisation  of  P.  cinnamomi  within  naturally  infected  plant  materials  is 
required. 
1.3. Phytophthora cinnamomi and feral pigs 
The presence of feral pigs in P. cinnamomi infested areas has led to their anecdotal 
association in the spread of the pathogen. Brown (1976) suggested that the spread of 
P. cinnamomi by soil disturbance or spread of dieback into or within virgin rainforest 
may result from the activities of feral pigs which have been and are currently active at  
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both Eugenalla and Garrawalt in Queensland. Ridge-top infestations of P. cinnamomi 
in virgin rainforest at Eugenella were all associated with pig wallows which, because 
of heavy clay sub-soil close to the surface, retain water even when the soil under 
healthy rainforest is relatively dry. At Garrawalt there were signs of extensive soil 
disturbance  from  past  pig  activity  across  the  slope  where  the  scattered  patches  of 
deaths  occurred  (Brown,  1976).  In  addition,  Shea  (1975)  highlighted  that  any  soil 
disturbance  which  reduces  canopy  and  litter  cover  would  increase  average  soil 
temperature and typically extend the period during which upland sites are susceptible 
to infection by P. cinnamomi. These findings suggest that disturbance by pigs is likely 
to aid the establishment of P. cinnamomi in such areas. 
Furthermore, observations by Twigg et al. (2007) found that feral pig activity in the 
Mediterranean  agricultural  region  of  Western  Australia  was  most  evident  during 
autumn  and  early  winter,  presumably  because  water  and  food  resources  are  less 
abundant at these times and pigs are required to travel further in search of resources. 
The  increase  in  pig  activity  such  as  digging  and  rooting  during  autumn  and  early 
winter, in conjunction with the sporangium production of P. cinnamomi during autumn 
could lead to the pigs coming in contact with the pathogen more frequently. 
Stukely  and  Crane  (1994)  whilst  conducting  a  land  survey  for  the  presence  of 
P. cinnamomi  in  the  jarrah  forest  to  determine  seedling  resistance  to  the  disease, 
correlated feral pig diggings with the spread of disease into non infested sites. Jarrah 
seedlings that were planted in virgin sites were found to be infested when activities of 
feral pigs were observed (M. Stukely, pers. comm.). Pig diggings were observed from 
October  1985  until  April  1987.  The  feral  pigs  were  observed  to  be  digging  for 
Macrozamia roots and bulbs and some of the experimental seedlings were also dug up 
by pigs. The dead jarrah seedlings were sampled and plated, with the first positive  
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recovery of P. cinnamomi in December 1985. The pathogen was also recovered from 
almost all of the dead seedlings in April 1987, indicating a well-established infestation 
(M. Stukely, unpublished data 2009). These field observations of feral pig activity and 
establishment of P. cinnamomi infestation suggest a close association between pigs 
and the spread of the pathogen. Whilst it appears likely that pigs are facilitating the 
spread of P. cinnamomi direct evidence is still required.  
1.3.1. Dissemination of Phytophthora cinnamomi by feral pigs  
Feral pigs are believed to spread the pathogen via two modes of transportation; either 
externally on their body in the form of infested soil, or via the digestive tract after 
ingestion of infested material. Their rooting and wallowing activities may predispose 
them to the direct or indirect transport of infested soil. However, to date only one study 
has  shown  evidence  of  this  occurring.  Kliejunas  and  Ko  (1976)  demonstrated 
P. cinnamomi recovery by lupin baiting from soil carried on the hooves of feral pigs, 
as well as work boots and vehicle tyres on the island of Hawaii. Feral pigs that were 
trapped in a watershed area in Hilo and soils adhering to their hooves were collected 
(15–20  grams  per  pig).  When  baited,  three  of  four  pigs  tested  were  carrying  soil 
containing  P. cinnamomi  (Kliejunas  and  Ko,  1976).  A  similar  attempt  by  Masters 
(1979) failed to isolate P. cinnamomi from the mud samples collected from six feral 
pigs in the jarrah forest. It was believed that the soil temperature was too low for 
sporulation  as  the  samples  were  collected  during  winter,  indicating  that  sampling 
should be carried out during warmer conditions.  
Feral pigs can spread the soil-borne pathogen by transporting mud that may contain 
P. cinnamomi on the external surface of their bodies, namely skin and hooves. Due to a 
lack of sweat glands, pigs primarily regulate their body temperature via conductive 
heat transfer with their environment, most commonly achieved through the process of  
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wallowing. Wallowing leaves a layer of caked mud on the pig‘s body and relieves 
hyperthermia through evaporation, acting as a ‗wet suit‘ helping to keep the animals 
cool in a warm environment (Bracke, 2011). This layer of mud can take up to 2 hours 
to dry compared to water which can evaporate within 15 minutes, providing effective 
temperature control (Bracke, 2011). Wallows typically represent ideal soil conditions 
for  the  establishment  and  persistence  of  P.  cinnamomi  within  the  environment. 
Following wallowing activity, infested soil could easily attach to feral pig bodies and 
hooves. The accumulated soil on the pig‘s body can therefore be transported to other 
areas consequently posing a risk for pathogen spread. 
Feral pigs typically wallow throughout the year during both hot and cold weather, 
however wallowing frequency increases during elevated ambient temperatures and at 
high  air  humidity  levels  (Dexter,  1998;  Bracke,  2011).  Masters  (1979)  observed 
wallowing activities of feral pigs in the jarrah forest to increase in spring, when soil 
conditions  are  typically  favourable  for  the  asexual  sporangium-zoospore  cycle  of 
P. cinnamomi to produce large numbers of infectious spores (Hardy et al., 2007). Pigs 
have  been  reported  to  visit  wallow  sites  up  to  twice  a  day  during  warm  months 
(Campbell  and  Long,  2009),  thus  increasing  the  amount  and  frequency  of  soil 
transported. This could lead to transportation of infested soil by feral pigs away from 
infected sites and into new uninfected areas, facilitating the spread of P. cinnamomi. 
After  wallowing,  dried  mud  is  often  dislodged  from  the  body  by  scratching  and 
rubbing  against  trees  found  along  trails  and  near  wallowing  sites  (Bracke,  2011). 
However pigs in Camargue, France were reported to travel several hundred meters 
from  wallowing  sites  to  use  specific  species  (elm  and  tamarisk)  as  rubbing  trees 
(Dardaillon, 1986). In the jarrah forest, pigs were observed by Masters (1979) to stay 
close to wet gullies and travel to upland grounds foraging for food. This pattern of  
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movement  easily  facilitates  the  upslope  spread  of  dieback  when  pigs  wallow  in 
infested soil and transport it to upland foraging grounds, dislodging the infested soil 
along the way. In addition, Hone (2002) observed that ground rooting by feral pigs in 
Namadgi National Park, south-eastern Australia occurred throughout the year and was 
concentrated typically at higher elevations and drainage lines. Disturbances to the soil 
profile by feral pigs at upland sites could be washed down slopes by abiotic factors, 
and later carried from the downslope valleys after the pigs wallow. The soil could then 
be transported to other drainage lines or upland grounds. 
Hardy  et  al.  (2007)  noted  that  sandy  loam  and  sandy  gravel  soils  from  specific 
vegetation types in the upland jarrah forest stimulate sporangial production more than 
the red loam soils from river valleys. Infested soil that has been washed down slopes 
by  abiotic  factors  to  river  valleys  could  be  transported  by  feral  pigs  to  more 
stimulatory  upland  grounds,  resulting  in  further  reproduction  and  wider  spread  of 
P. cinnamomi. 
1.3.2. Dissemination of Phytophthora cinnamomi via the intestinal tract  
Chlamydospores  of  P.  cinnamomi  have  previously  been  shown  to  survive  passage 
through the gastrointestinal tract of both invertebrate and vertebrate animals. A feeding 
trial  conducted  by  Keast  and  Walsh  (1979)  demonstrated  that  P. cinnamomi  could 
survive in the intestinal tracts of termites (Nasutitermes exitiosus) and two species of 
indigenous forest birds, the golden whistler (Pachycephala pectoralis) and the rufous 
whistler (Pachycephala rufiventris) found in the West Australian jarrah forests. Viable 
chlamydospores were recovered from bird faeces within the normal passage time for 
food to pass through the digestive tract (Keast and Walsh, 1979). The demonstrated 
survival of viable P. cinnamomi through the digestive tract highlights the potential for 
these animals to function as vectors for the pathogen, should they ingest the pathogen  
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as part of their foraging activities. However, it is unlikely that these species would 
consume  P. cinnamomi  in  the  wild  and  they  are  not  considered  to  be  significant 
vectors of the pathogen under natural conditions. 
In contrast, the feeding habits of feral pigs, particularly foraging for underground roots 
and bulbs, may predispose them to the consumption of P. cinnamomi infested material. 
To date, there is no evidence of P. cinnamomi being spread via the digestive tract of 
mammals  although  it  has  been  suggested  that  pigs  may  be  able  to  transport  the 
pathogen in their digestive tract following the ingestion of infected material (Masters, 
1979). No P. cinnamomi was recovered following a feeding trial conducted by Masters 
(1979) in which laboratory-cultured chlamydospores were mixed with a standard pig 
mash  and  fed  to  domesticated  pigs.  It  was  thought  that  the  failure  to  recover 
P. cinnamomi was due to the temperature and conditions the pathogen was exposed to 
within  the  intestinal  tract.  Masters  (1979)  also  suggested  that  using  a  bulkier  diet 
inoculated with more resistant, naturally produced chlamydospores may increase the 
probability of P. cinnamomi recovery from the pig faeces. However, no consideration 
was given to the likelihood of P. cinnamomi survival if consumed within infected plant 
host tissues.  
Given the typically omnivorous diet of feral pigs, P. cinnamomi is most likely to be 
consumed  in  infested  plant  material.  If  the  infested  plant  material  remains  semi-
digested/undigested  (Figure  1.8),  it  can  increase  the  likelihood  of  P.  cinnamomi 
surviving passage through the digestive system since the pathogen can be spread in 
infested roots that are transported (Shearer and Tippett, 1989). This study aimed to 
investigate  the  potential  of  plant  material  infected  with  P.  cinnamomi  to  maintain 
viability during passage through the gastrointestinal tract of feral pigs. As such, this  
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project investigates the cumulative impact of two invasive species; feral pigs and their 
role in the spread of P. cinnamomi.  
 
 
 
Figure  1.8  Semi-digested/undigested  plant  material  in  the  faeces  of  feral  pig  (Sus 
scrofa)  seen  in  the  jarrah  (Eucalyptus  marginata)  forest.  Photo  image  courtesy  of 
P. Adams. 
    
38 
 
1.4 Thesis aims 
The role of feral pigs in the dissemination of P. cinnamomi is poorly understood and 
there is limited direct evidence of pathogen spread by these animals. It is generally 
agreed that feral pigs have the ability and potential to spread the pathogen but more 
evidence to support this is required. In this study, feral pigs were surveyed for their 
potential to act as vectors for the dissemination of P. cinnamomi. The overall aim of 
the thesis was to determine if feral pigs play a role in the spread of the pathogen. This 
was addressed by: 
  Determining the spread of P. cinnamomi by feral pigs in the jarrah forest 
(Chapter 2), 
  Identifying the proportion of underground plant material in the diet of feral 
pigs within the jarrah forest (Chapter 3), 
  Investigating whether P. cinnamomi can survive through the digestive tract 
of pigs within plant material (Chapter 4), 
  Examining P. cinnamomi structures in plant tissues to better understand the 
survival and disease development of the pathogen (Chapter 5). 
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CHAPTER 2 
Environmental sampling for Phytophthora 
cinnamomi and the potential role of feral pigs 
(Sus scrofa) in disseminating the pathogen 
2.1 Introduction 
Soil movement and disturbance as a result of feral pig (Sus scrofa) feeding behaviour 
has  been  anecdotally  associated  with  spread  of  the  causative  agent  of  dieback, 
Phytophthora cinnamomi, for more than 30 years. This relationship between feral pigs 
and P. cinnamomi spread is supported by the frequent occurrence of  both of these 
invasive  species  within  forest  ecosystems  in  Hawaii,  Queensland  and  south-west 
Western Australia (Brown, 1976; Kliejunas and Ko 1976; Masters, 1979). The co-
occurrence of the two species (Figure 1.2 and 1.7), coupled with the foraging activities 
of feral pigs, infer that the potential exists for feral pigs to disperse P. cinnamomi by 
transporting soil containing the pathogen on their bodies.  
Feral  pigs  have  been  theorised  to  act  as  a  vector  or  to  indirectly  increase  the 
susceptibility of the forest  to  the natural  spread of the disease  (Masters, 1979).  In 
vectoring the pathogen, feral pigs may carry infested material either on the external 
parts  of  their  body  or  potentially  in  their  digestive  tracts  (Masters,  1979).  Direct 
evidence of feral pig involvement in the spread of the pathogen is sparse. Therefore, 
whilst  feral  pigs  are  commonly  suspected  of  facilitating  the  spread  of  this  plant 
pathogen, very little evidence exists to support these claims. The potential for feral 
pigs to act as vectors for the spread of P. cinnamomi is further investigated in this 
study.   
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There has been only one study so far that has positively identified feral pigs as direct 
vectors for P. cinnamomi spread. The study by Kliejunas and Ko (1976) in Hawaii 
recovered P. cinnamomi from soil carried on the hooves of three of the four feral pigs 
sampled. The recovery was performed with lupin baiting, a process where susceptible 
host lupin cotyledons floating on water surface are exposed to soil submerged in the 
water. Subsequent efforts to replicate this investigation by Masters (1979) failed to 
detect P. cinnamomi in mud samples collected from feral pigs in the jarrah (Eucalyptus 
marginata) forest of south-west Western Australia. Masters (1979) suggested that the 
temperature during the time of sampling was too low for P. cinnamomi sporulation. 
Hence soil sampling should be targeted in warmer months when conditions are optimal 
for sporulation.  
Alternatively, feral pigs may also spread P. cinnamomi through their digestive tracts 
following  the  ingestion  of  infected  material.  Dietary  studies  have  reported  that 
underground roots and tubers form a consistent part of the feral pig diet around the 
world (Masters, 1979; Pavlov, 1980; Schley and Roper, 2003; Giménez-Anaya et al., 
2008). As underground roots and tubers are the main infection sites for P. cinnamomi 
(Shearer and Tippett, 1989; Hardy et al., 2007), it is possible that the pathogen may be 
unintentionally consumed when feral pigs ingest infested roots or tubers. This may 
lead to further spread if the pathogen is  able to survive passage through the pigs‘ 
digestive tracts.  
In this study, soil and faecal samples collected from feral pigs and sites within the 
northern  jarrah  forest  of  Western  Australia  will  be  tested  for  the  presence  of 
P. cinnamomi  via  a  variety  of  detection  methods.  This  will  include  the  use  of 
traditional isolation/culture techniques such as baiting and plating on selective media 
and the more sensitive molecular based DNA quantification. The aim of this study was  
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to investigate the potential for feral pigs to transport P. cinnamomi, either externally as 
soil/mud on their body, or internally in their digestive tracts.     
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2.2 Materials and methods 
2.2.1 Trapping of feral pigs 
Feral pigs were trapped between the dry summer months of (December 2005 – early 
April 2006 and December 2006 – early April 2007) as part of ongoing control efforts 
by  the  Department  of  Environment  and  Conservation  (DEC)  and  the  Water 
Corporation  within  water  catchment  areas  of  the  jarrah  forest  east  of  the  Perth 
metropolitan region (Animal Ethics Permit: AEC R1155/05). Traps consisted of 2 m
3 
weld  mesh  cages  with  a  spring  loaded  door,  baited  with  in-season  fruit  seconds, 
sourced from local orchards (Figure 2.1).  
 
 
 
Figure 2.1 Trapped feral pigs showing apples used as bait. Photo image courtesy of 
P. Adams. 
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The traps were set across three trapping areas; Mundaring, Serpentine and Dwellingup 
(Figure  2.2).  These  three  trapping  areas  are  typically  dominated  by  jarrah 
(E. marginata) growing over sandy gravel and clay laterite soils of the Darling Range 
(Abbott and Loneragan, 1986).  
 
 
 
Figure 2.2 The locations of the sampling areas used in this study within the jarrah 
(Eucalyptus marginata) forest, Western Australia.  
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The climate in the jarrah forest is typically Mediterranean, with cool wet winters and 
hot dry summers. The Dwellingup and Serpentine sites are located on the western side 
of the forest, whilst Mundaring is located further east and experiences drier conditions 
(Figure 2.2) (Heddle et al., 1980). On average, the Serpentine and Dwellingup sites 
would  expect  to  receive  approximately  1200  mm  of  rain  annually,  whilst  the 
Mundaring area only receives on average between 600–800 mm of rain (Hayward, 
2002). Temperatures during the trapping period rise to an average maximum of 39°C 
and  a  minimum  of  20°C  (Bureau  of  Meteorology;  http://www.bom.gov.au/climate/ 
averages/tables/ accessed May 2010). These three sampling areas are predominantly 
forested typically with a uniform overstorey of jarrah and many understorey species of 
Dilleniaceace, Epacridaceae, Myrtaceae, Proteaceae and Xanthorrhoeaceae (Figure 
2.3), all of which are susceptible to P. cinnamomi infection (Abbott and Loneragan, 
1986). 
 
 
Figure 2.3 The jarrah  (Eucalyptus  marginata)  forest  with  a uniform  overstorey of 
jarrah  trees  and  a  diverse  range  of  understorey  species.  Sourced  from  http://www. 
wildgoosewalking.wordpress.com.  
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Trapped pigs were euthanised by a single gunshot to the head, weighed, sexed and 
assigned to an approximate age group (young: <10 kg, juvenile: 10–20 kg or adult: 
>20 kg) based on size and weight. Assignment to age groups was further refined using 
tooth eruption, development and wear patterns of the trapped pigs, as described by 
Clarke et al. (1992). In-field necropsies (Figure 2.4) were performed on each pig as 
part  of  an  ongoing  project  investigating  the  impact  of  feral  pigs  in  Perth‘s  water 
catchments.  
 
 
 
Figure  2.4  In-field  necropsy  of  a  euthanised  feral  pig  (Sus  scrofa).  Photo  image 
courtesy of P. Adams. 
 
2.2.2 Soil samples from animals 
Soil was collected from trapped pigs prior to necropsy, with particular focus on the 
hooves of each pig (n=104). A clean sterile scalpel blade was used to scrape soil from 
the feet of each pig (Figure 2.5). Soil samples were stored at ambient temperature in a 
styrofoam container until further processing.   
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Figure 2.5 Soil lodged between the hooves of feral pigs (Sus scrofa). Photo image 
courtesy of P. Adams. 
 
Individual soil samples collected from the hooves of feral pigs were mixed with sterile 
distilled water to form homogeneous slurries. The soil slurries were plated directly 
onto Phytophthora selective media on return to the laboratory. The selected media 
consisted of NARPH agar plates containing 17 g Cornmeal Agar, 1 ml Nilstat, 0.1 g 
Ampicillin, 0.5 ml Rifadin, 0.1 g Terraclor (PCNB) and 0.05 g Hymexazol dissolved 
in 1000 ml of deionised water, as described by Hüberli et al. (2000). The inoculated 
plates were incubated in a 20°C controlled temperature room and were examined every 
second day for the presence of P. cinnamomi. 
Soil was swabbed from the bodies of pigs using sterile gauze moistened with sterile 
reverse osmosis water (n=36). DNA was extracted from up to 1 g of soil collected 
from individual pigs using BioSprint 15 (Qiagen GmbH, Hilden Germany) and Qiagen  
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DNA Plant Kit (Qiagen GmbH, Hilden Germany Cat. No 941517), with the following 
minor alterations from the manufacturer‘s instructions: A TissueLyser (Qiagen GmbH, 
Hilden Germany) was used to macerate up to 1 g of each soil sample after addition of 
5 ml of DNA Extraction buffer (2% CTAB, 100 mM Tris-HCl pH8.0, 1.4 M NaCl, 2% 
PVP-40), two stainless steel balls 3 mm in diameter and 5 g of black silica. These were 
placed and stored on ice after shaking with the TissueLyser at 30 hz for 1.5 min. The 
homogenized sample was then centrifuged at 600 rpm for 5 min in an Allegra® X-15R 
benchtop centrifuge (Beckman Coulter, Germany) and 5 ml of supernatant was added 
to 20 µl Qiagen Magattract and 5 ml isopropanol (Fisher Biotech, Australia) for 5 min 
on ice. The Magattract beads were harvested and incorporated into the Qiagen DNA 
Plant  Kit  used  together  with  a  Biosprint  15  machine  to  extract  DNA  from  the 
supernatant, according to the manufacturer‘s instructions. DNA isolates were stored at 
-20°C until tested. 
2.2.3 Soil samples from sites 
Wooden  stakes  (n=5)  20  mm  x  20  mm  x  1.5  m  long  were  placed  near  known 
wallowing locations within Serpentine and Dwellingup (Figure 2.2), during March – 
May 2009 to act as rub sites for feral pigs in areas where their presence had been 
established. Clay like soil that had accumulated from the pigs' rubbings was scraped 
off and stored in individual containers (Figure 2.6). The wooden stakes were revisited 
after a month and further soil samples were collected.   
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Figure 2.6 Collection of soil from wooden stakes accumulated from feral pig  (Sus 
scrofa) rubbing. Photo image courtesy of P. Adams. 
 
Soil samples were also  collected from wallow sites (n=8) and digging spots (n=5) 
which were identified from feral pig activities in Serpentine and Dwellingup during 
March – May 2009 (Figure 2.7). The soil from wallow sites was a mixture of sandy 
loam and black gravel mud, with organic matter embedded. Soil from digging spots  
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was sandy loam. DNA was extracted from the soil samples collected from the wooden 
stakes, wallows and digging sites as previously described in section 2.2.2. 
 
 
 
Figure 2.7  Collection of soil from wallow sites. Photo image courtesy of P. Adams. 
 
Twenty grams of soil collected from each of the 13 wallow and digging sites were 
placed in 500 ml plastic containers and 300 ml of distilled water was added. Three 
day-old  lupin  (Lupinus  angustifolius  L.,  cv  Mandelup)  cotyledons  were  placed  on 
polyester floats and left with their roots submerged in the soil-water mixture for five 
days, after which the roots of the cotyledons were observed for lesions and aseptically 
plated  onto  Phytophthora  selective  NARPH  agar  plates.  The  plates  were  left  to 
incubate at 20°C in  a  controlled temperature room  and checked for  P.  cinnamomi 
hyphal growth every second day, for up to 2 weeks.  
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2.2.4 Faecal samples from animals 
Faecal  samples  (n=208)  from  feral  pigs  were  collected  as  part  of  the  necropsy 
sampling described in section 2.2.1. Samples were taken directly from the colon of 
individual pigs and were stored at 4°C until analysis could be completed. DNA was 
extracted from 200 mg of each faecal sample using the QIAamp DNA Stool Mini Kit 
(Qiagen  GmbH,  Hilden  Germany)  according  to  the  manufacturer's  instructions,  as 
described by Phillips et al. (2009). DNA isolates were stored at -20°C. 
2.2.5 Faecal samples from the environment 
Environmentally  sourced  faecal  samples  (n=374)  were  collected  along  transects, 
established with feral pig presence located throughout the jarrah forest (Figure 2.8), 
which ranged in length from 250–700 m (average = 448 m; standard deviation = 81 
m). The locations of these transects are within the sampling areas that were outlined in 
Figure 2.2, and were selected for their close proximity to watercourses and known 
areas of P. cinnamomi infestations (Figure 2.8).   
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Figure 2.8 Location of the sampling areas for transects, traps, wallow and digging 
sites, and known infestation areas where Phytophthora cinnamomi has been previously 
isolated. Data for P. cinnamomi infestation areas correct as of 30 June 2011. Courtesy 
of  M.  Stukely,  Vegetation  Health  Service,  Science  Division,  WA  Department  of 
Environment and Conservation. 
 
The faecal samples were collected in January and June of 2010 from the transects 
(Table  2.1).  It  was  not  possible  to  accurately  estimate  the  age  of  faecal  samples  
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collected directly from the environment due to the variability associated with dung 
decay and environmental conditions. A study by Hone and Martin (1988) found that 
feral pig dung in Namadgi National Park, south-eastern Australia persisted for up to 16 
months, with more than 50% disappearance with 2−5 months, depending on season. 
Fresh dung from November and December decayed most rapidly while fresh dung 
from June had a slower initial decay rate followed by a more rapid decay (Hone and 
Martin, 1988). Hence, the faecal samples that display the least signs of decay were 
selected to be used in this study. In comparison, the samples from June collection in 
this  study  were  considered  fresh  and  observed  to  be  more  intact  compared  to  the 
samples  collected  in  January  although  they  could  have  been  in  the  transects  from 
February.  
 
Table 2.1  Collection of faecal samples from transects. 
Transect location  Region  Number of faecal samples collected 
January  June 
Canning Dam  Serpentine  27  29 
Conjurunup Dam  Dwellingup  11  8 
Harris Dam  Collie  10  8 
North Dandalup Dam  Dwellingup  29  15 
Lake Banksiadale  Dwellingup  20  21 
Serpentine Dam  Serpentine  46  67 
Stirling Dam  Collie  11  9 
Wungong Dam  Serpentine  39  24 
Total: 374  193  181 
 
Multiple faecal samples collected from each transect (n=16) were pooled as a single 
sample per transect and placed in distilled water (approximately 1:9 ratio) held in 10 L 
plastic  buckets  (Figure  2.9).  Each  site  sample  was  baited  with  three  day-old 
germinated lupin cotyledons as described above (section 2.2.3). The cotyledons were 
observed for lesions after five days and aseptically plated onto NARPH agar plates.  
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The  plates  were  left  in  a  20°C  controlled  temperature  room  and  checked  for 
P. cinnamomi growth every second day, for up to 2 weeks. 
 
 
 
Figure  2.9  Baiting  of  faecal  samples  collected  from  transects  with  Lupinus 
angustifolius cotyledons. Inset in the middle shows close up of the cotyledons floated 
on water surface. Photo image taken by A. Li. 
 
2.2.6 Quantitative PCR screening of samples 
A quantitative polymerase chain reaction assay (qPCR) was set up with 1x PCR buffer 
(20 mM Tris-HCl, 50 mM KCl) (Fisher Biotech, Australia), 2.0 mM MgCl2 (Fisher 
Biotech,  Australia),  0.25  mM  dNTP‘s  (Fisher  Biotech,  Australia),  1  U  Taq  Ti 
Polymerase  (Fisher  Biotech),  0.4 mg/ml  bovine  serum  albumin  (Fisher  Biotech, 
Australia), 0.4 mM PcinF3 (5‘ATT AGT TGG GGG CCT GCT C, IDT Technologies), 
0.4 mM PcinR7 (5‘CAG TAT TAC AGA ATG GGT TTA AAA GAG AGG, IDT  
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Technologies),  0.4  mM  probe  (5‘ATC  ACT  GGC  GAG  CGT  TTG  GGT  C,  IDT 
Technologies)  to  which  DNA-free  water  (Fisher  Biotech,  Australia)  was  added  to 
make up 24 µl before adding 1 µl of extracted DNA. For negative controls, 1 µl of 
sterile  water  was  added  in  place  of  the  extracted  DNA.  DNA  extracts  from  soil 
collected from bodies of pigs (section 2.2.2), wallow and digging sites (section 2.2.3), 
rub stakes (section 2.2.3) and faecal (section 2.2.4) were subjected to qPCR analysis 
to detect for presence of P. cinnamomi. 
Each qPCR assay was run for 50 cycles with denaturing temperature at 95°C for 3 min, 
followed by annealing at 95°C for 10 s and final temperature at 60°C for 30 s, on a 
BioRad MyiQ PCR machine (BioRad, Gladsville, New South Wales, Australia) with 
DNA concentrations analysed using BioRad IQ software (BioRad, Gladsville, New 
South Wales, Australia).  
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2.3 Results 
2.3.1 Soil samples from animals 
Phytophthora  cinnamomi  was  not  isolated  from  any  of  the  soil  samples  (n=140) 
collected from the pigs examined in this study. The soil samples collected from the 
hooves  of  104  pigs  that  were  plated  onto  NARPH  plates  showed  no  presence  of 
P. cinnamomi. Plates were however, observed to be overgrown with Pythium species. 
Likewise, no P. cinnamomi was detected in the 36 soil samples that were swabbed 
from the bodies of pigs via qPCR analysis.  
2.3.2 Soil samples from sites 
Phytophthora cinnamomi was not isolated from any of the soil (n=18) collected from 
the sites surveyed in this study. Soil samples collected from pig wallows and digging 
sites  that were baited with lupin  cotyledons showed no presence of  P.  cinnamomi 
infection. The lupin cotyledons appeared healthy and no lesions were observed on the 
roots. No P. cinnamomi growth was observed when the roots of the baited cotyledons 
were plated onto NARPH plates. Further analysis via qPCR of soil collected from the 
pig  wallow  and  digging  sites  and  rub  stakes  also  failed  to  detect  the  presence  of 
P. cinnamomi. 
2.3.3 Faecal samples from animals 
Presence of P. cinnamomi DNA was not detected in the 208 faecal samples collected 
from the pigs via qPCR analysis. 
2.3.4 Faecal samples from transect sites 
Baiting of 374 faecal samples collected from the transect sites failed to detect the 
presence of P. cinnamomi. No lesions were observed on the roots of lupin cotyledons  
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that were used to bait faecal samples collected in January. No P. cinnamomi hyphal 
growth was observed when the roots were plated onto NARPH plates. 
Lesions were observed on the roots of lupin cotyledons used to bait faecal samples 
collected in June. These were plated onto NARPH plates, and whilst no P. cinnamomi 
was isolated, other fungal species were found. Mucor species were isolated from the 
Serpentine Dam faecal samples, Septoria species were found in the Harris Dam faecal 
samples and Fusarium species (Figure 2.10) were isolated from both Harris Dam and 
Lake Banksiadale faecal samples. 
 
 
 
Figure  2.10  Fusarium  species  isolated  from  baiting  of  faecal  samples  collected  
from Harris Dam. Bar represents 2 mm.  
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2.4 Discussion 
Phytophthora  cinnamomi was  not  detected in  any of the  environmental and faecal 
samples  examined  in  this  study.  Several  factors  could  have  contributed  to  this 
outcome. Jarrah soil has previously been found to be a difficult medium from which to 
isolate P. cinnamomi (Shea, 1979). It has been suggested that the dryness of jarrah 
forest soils during summer may lead to difficulty in isolating the pathogen (Weste and 
Marks,  1987).  For  example,  McDougall  et  al.  (2002)  reported  a  fivefold  higher 
frequency of P. cinnamomi isolations with in situ baiting of Banksia grandis seedlings 
than  with  ex  situ  baiting  of  soil  when  surveying  the  spatial  distribution  of 
P. cinnamomi  in  the  jarrah  forest.  Furthermore,  Davison  and  Tay  (2005)  reported 
recovery rates of 1.1% and 7.2% for P. cinnamomi in soil samples taken from dieback 
centres (n=1000) and margins (n=400) respectively, located within the jarrah forest. In 
addition, Palmer (2009) also encountered a low recovery rate (0.3%) of P. cinnamomi 
from baiting of jarrah forest soil (n=660) collected from woylie and artificial diggings.  
It has been estimated by Davison and Tay (2005) that 40 negative samples from a 
50 m
2 dieback margin area is needed to be able to declare it dieback free while 271 
negative samples are required from a 100 m
2 dieback centre area. In this study, a total 
of 158 soil samples were sampled for P. cinnamomi presence. As the samples were 
collected from a mixture of dieback centres and margins (see Figure 2.8), according to 
the estimation by Davison and Tay (2005), 26829 negative soil samples are required to 
declare the 99 sampling sites free from dieback. It would be an incredible feat just to 
collect that number of samples. Conversely, recovery of just one positive soil sample 
from a site would indicate that the site is infested with dieback. 
Soil organisms associated with mycorrhizal fungi may also suppress P. cinnamomi 
growth. There are numerous antagonists of P. cinnamomi known to occur in soil, for  
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example rhizobia and actinomycetes, that could prevent sporulation (Malajczuk et al., 
1984; Keen and Vancov, 2010). Malajczuk (1979b) discovered that the populations of 
bacteria and actinomycetes surrounding mycorrhizal roots were four and five times as 
large,  respectively,  as  those  surrounding  non-mycorrhizal  root  systems.  The  large 
population  of  these  microorganisms,  in  combination  with  the  mycorrhizal  fungal 
symbionts, seem to present a ‗microbial barrier‘ against the survival of P. cinnamomi. 
The wide range of microorganisms typically present in soil could have an inhibitory 
effect on the growth of P. cinnamomi.  
The  survival  of  P.  cinnamomi  in  soil  also  depends  on  the  presence  of  organic 
substrates. Weste and Vithanage (1979) found that survival of P. cinnamomi in soil 
can be extended in the presence of organic substrates, which serve as a nutrient source 
for the pathogen (Cahill et al., 2008). Conversely, chlamydospores were not able to 
survive past 2 months in soil devoid of organic matter (Weste and Vithanage, 1979). 
The presence of viable microbial populations in soil is strongly associated with organic 
matter  content.  Bowen  and  Rovira  (1976)  observed  a  high  degree  of  association 
between populations of microorganisms on roots and pieces of organic matter in soil, 
suggesting that the organic matter provides a major source of inoculum. In addition, a 
study by Weste and Vithanage (1977) found that a low microbial population in forest 
soil was associated with low organic content. Hence, the lack of organic matter within 
the soil collected from the external surface of pigs could have contributed to the lack of 
observed pathogen presence.  
In addition, Shearer and Tippett (1989) reported that the top 20 cm of jarrah forest soil 
can be an unfavourable environment for the survival of P. cinnamomi. This top soil 
layer is subjected to greater extremes in temperature and moisture content than deeper 
within the soil profile and may, therefore, be unfavourable for P. cinnamomi growth  
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and sporulation. Previous surveys of the northern jarrah forest reported that recovery 
rates  of  P.  cinnamomi  from  surface  soil  were  found  to  be  60%  lower  than  from 
samples collected from deep within the soil profile (Shearer and Tippett, 1989). This 
would suggest that pig diggings or soil collection would ideally have to be more than 
20 cm deep to increase the likelihood of P. cinnamomi recovery. The soil collected in 
this study was based on pig-evident sampling, especially for the soil collected from the 
rub stakes  and external surface of pigs.  Future sampling of soil from  digging and 
wallow  sites  will  be  taken  from  more  than  20  cm  deep  to  increase  the  recovery 
probability of the pathogen. 
In addition to the inhibitory effects on P. cinnamomi survival, jarrah forest soil has 
also been demonstrated to have an inhibitory effect on PCR (Williams et al., 2009). 
Soil can contain a variety of substances, such as polysaccharides, polyphenols, humic 
acids, tannins and lignin-associated compounds that interfere with PCR reactions and 
inhibit  DNA  amplification  (Cullen  and  Hirsch,  1998;  Schena  et  al.,  2006).  Whilst 
bovine  serum  albumin  was  used  in  the  qPCR  reactions  in  an  effort  to  overcome 
potential inhibitors, it is not a guaranteed solution to this problem (Kreader, 1996; 
Rudi et al., 2004).  
No studies have yet quantified the amount of soil that a pig carries on their body, 
however it would be expected that the pigs from hot, dry lower rainfall areas would 
typically  transport  more  soil  attached  to  their  body  due  to  the  increase  in  wallow 
activities to regulate body temperature (Bracke, 2011). Pigs in high rainfall areas can 
also be expected to carry soil over a greater distance due to the longer duration for the 
mud to dry as pigs generally only scratched themselves when the mud had dried and 
could  be  removed  more  easily  (Bracke,  2011).  Generally,  pigs  are  capable  of  
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transporting soil, regardless of the variations in feral pig activities  within different 
environments.  
Given the nature of the dry sclerophyll jarrah forest, it can be assumed that soil would 
dry and dislodged much sooner after wallowing than in wetter environments. Dried 
mud caked on their body could have dislodged on rub trees prior to entering the trap, 
as  traps  were  located  0.5–1.5  km  away  from  water  sources.  The  dry  condition 
experienced during the summer sampling period is believed to have contributed to the 
limited amount of soil found on the pigs. None of the trapped pigs were found with 
mud caked on their body. Most pigs were covered in a layer of soil dust and had very 
little  soil  material  adhering  to  them,  with  few  pigs  presenting  sufficient  soil  for 
collection which led to the adaptation of using moistened swabs to optimise the soil 
dust collection from the bodies of trapped pigs in this study. 
Trapping of pigs also posed a problem for soil collection as any soil on their body was 
dried or was dislodged while they were in the traps overnight. Lying down or rubbing 
against the trap as well as walking on the mesh floor contributed to the dislodgment of 
soil from their feet and body. Soil from within the traps was not collected because the 
source could not be determined. Hence only soil found on the bodies of pigs was 
collected, however even this could have been acquired from within the trap. Soil found 
on  the  pigs  in  this  study  was  limited  despite  efforts  to  maximise  collection  via 
swabbing  with  sterile  reverse  osmosis  water.  Of  the  36  soil  samples  obtained  by 
swabbing the pigs‘ bodies, only 8 presented sufficient soil material for DNA extraction 
(which required 1 g of material per assay). There was also limited amount of soil 
collected from the pigs' bodies and rub stakes for baiting, with only 0.2–2.8 g of soil 
collected. Therefore only the soil samples collected from wallow sites and digging 
spots were baited for P. cinnamomi presence.   
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Despite the relative close proximity of the sampling areas to known  P. cinnamomi 
infested areas (Figure 2.8), the sampling period and time of year seem to be major 
factors influencing the  detection probability of  P. cinnamomi  in the environmental 
samples  (Figure  2.11).  Trapping  of  feral  pigs  in  this  region  is  most  successful  in 
summer months when pig numbers are concentrated around water bodies (R. Staines, 
pers. comm.), consequently soil and faecal collection from pigs was restricted to this 
period. However, sampling during summer and early autumn (December – early April) 
is not ideal for zoospore and/or sporangium production (Figure 2.11) as soil conditions 
are typically dry in the jarrah forest (Weste and Marks, 1987; Hardy et al., 2007), with 
<50 mm of recorded rainfall during the collection period (Bureau of Meteorology; 
http://www.bom.gov.au/jsp/ncc/cdio/weatherData/ assessed July 2010). These factors 
most likely limited the abundance and activity of P. cinnamomi within the soil profile. 
Ideally it would be better to conduct future sampling during spring and autumn, when 
conditions in the jarrah forest are more favourable for sporulation of P. cinnamomi 
(Hardy et al., 2007), however feral pig trap success is markedly reduced over this 
period (Figure 2.11).  
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Figure 2.11 A conceptual model for seasonal presence of Phytophthora cinnamomi 
levels within soil and plant material in the jarrah forest compared to feral pig (Sus 
scrofa) trapping efficiency. Sourced from Weste and Marks (1987), Hardy et al. (2007) 
and R. Staines (pers. comm.).  
 
Attempts were made to collect soil across a wider range of seasonal conditions, with 
soil collection from wallow sites, digging spots and rub stakes conducted in autumn 
2009 (March – May). However, P. cinnamomi was not found in these samples either 
by PCR detection or by baiting with lupin cotyledons. Whilst the baiting isolation 
technique has been used for many years as an effective and efficient method for testing 
soil  samples  for  P.  cinnamomi,  it  does  not  work  for  dormant  structures  such  as 
chlamydospores  (McCarren  et  al.,  2005),  possibly  resulting  in  the  pathogen  going 
undetected during testing in this study. Nevertheless, these dormant chlamydospores 
could still germinate to zoospores when warm and moist conditions are available. This 
would have resulted in ―false negatives‖ in this study. 
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Differences in  microbial recoveries  from  baiting  were observed between collection 
periods for faecal samples collected from the 8 transect sites. Visually it was observed 
that the samples collected during January were much drier than those from the June 
collection.  In addition,  soil-borne plant pathogens,  including  Fusarium,  Mucor and 
Septoria species, were found in the June samples but not in the January samples. These 
results would suggest that the conditions of the jarrah forest during January were not 
conducive for the growth of microorganisms.  
Furthermore, Fusarium and Mucor species have been reported to be antagonists of 
P. cinnamomi  in  culture  (Malajczuk,  1979a;  Aryantha  and  Guest,  2006),  and  their 
presence in these samples could indicate a reduced chance of detecting P. cinnamomi. 
Palmer (2009) demonstrated that woylie faeces (n=44) containing a large amount of 
bacteria and fungi had an inhibitory effect on the isolation of P. cinnamomi, which 
resulted in the pathogen being recovered from only 50% of the 6 positive controls 
mixed with woylie scats. Faeces of feral pigs could have the same effect and thus 
inhibit the growth and detection of P. cinnamomi.  
In  addition  to  the  antagonistic  effects  of  species  such  as  Fusarium  and  Mucor, 
P. cinnamomi  is  reported  to  be  a  poor  saprotrophic  competitor  in  the  presence  of 
bacteria and other fungi (McCarren et al., 2005). Whilst chlamydospores are the most 
durable of P. cinnamomi reproductive structures and are therefore the most likely to 
survive  the  digestive  process,  germination  of  these  spores  has  been  shown  to  be 
influenced by the level of microbial competition (McCarren et al., 2005). This is of 
particular relevance to the screening of feral pig faecal material. Chlamydospores of 
P. cinnamomi could have been present in these faecal samples however competition 
with other saprophytic fungi and an abundance of microbial activity in the faeces may  
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have  inhibited  the  sporulation  and/or  growth  of  any  P.  cinnamomi  present  in  the 
samples. 
The isolation of soil-borne plant pathogens; Fusarium, Mucor and Septoria species 
from faecal samples suggests that soil-borne fungi are able to survive passage through 
the feral pig digestive tract. Since P. cinnamomi shares a similar transmission cycle to 
Fusarium  and Mucor, it is  possible that P. cinnamomi might  also  survive passage 
through the pig digestive tract. A previous experiment by Masters (1979) involving 
feeding laboratory-cultured chlamydospores mixed with pig feed to pigs was not able 
to detect the pathogen in the faeces collected. This suggests that naked P. cinnamomi 
chlamydospores are not able to survive passage due to the temperature and digestive 
conditions of the digestion process. However, if the pathogen is within infected plant 
material and consumed, the host tissues may confer some protection from the digestive 
process and thus enabling P. cinnamomi to survive passage through the pig digestive 
tract. 
While the presence of P. cinnamomi was not detected in any of the samples in this 
study,  based  on  the  findings  of  Kliejunas  and  Ko,  (1976),  feral  pigs  must  still  be 
considered to have the potential to transport soil containing  P. cinnamomi. This is 
further supported by field  observations  whereby P. cinnamomi has  been recovered 
from jarrah seedlings planted in dieback-free areas, following site disturbance by feral 
pigs (M. Stukely, pers. comm.). These observations suggest that pigs have the potential 
to spread this highly invasive pathogen to dieback-free areas. Whilst the findings of 
this  study  have  not  confirmed  the  involvement  of  feral  pigs  in  the  spread  of 
P. cinnamomi, it has not disproved it either. 
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CHAPTER 3 
Diet analysis of the feral pig (Sus scrofa) in the 
northern jarrah (Eucalyptus marginata) forest of 
Western Australia 
3.1 Introduction 
The non-fastidious and omnivorous nature of the feral pig (Sus scrofa) diet allows for 
the potential consumption of a wide variety of different materials. In Australia, feral 
pigs have successfully colonised a wide range of habitats, including the wet tropics, 
dry  sclerophyll  forests  and  woodlands,  semi-arid  areas  and  subalpine  regions 
(Choquenot  et  al.,  1996).  Similarly,  the  feral  pig  diet  has  been  reported  to  be  as 
variable as the ecosystems they inhabit.  
As the terrain and vegetation cover varies across Australia, feral pigs opportunistically 
vary their diet accordingly to adapt to the food resources available. For example, feral 
pigs  in  central  and  western  New  South  Wales  have  been  reported  to  feed 
predominantly  on  green  herbaceous  material  when  available  in  winter,  however  in 
summer  when  this  food  resource  becomes  scarce  they  switch  to  roots  and  carrion 
(Giles, 1980). Another study by Pavlov (1980) found that feral pigs feed mainly on 
insects and non-graminoid herbaceous flowering plants such as Solanum ellipticum in 
autumn,  native  legumes  (Medicago  spp.)  in  winter  and  wheat  during  spring  and 
summer, thus exploiting the most readily available food resources.  
Feral  pigs  have  been  reported  to  consume  a  wide  variety  of  plants  (both  native 
vegetation  and  agricultural  crops),  animal  material,  fruit  and  grain  as  well  as 
underground  plant  material  such  as  roots,  bulbs  and  corms  (Masters,  1979;  Giles,  
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1980; Choquenot et al., 1996; Schley and Roper, 2003; Giménez-Anaya et al., 2008). 
These underground roots, bulbs and corms are rich in starch and provide a readily 
digestible carbohydrate source for the relatively high dietary energy needs of feral pigs 
(Choquenot et al., 1996). As such, a large proportion of the feral pig diet around the 
world consists of underground plant and root material (Table 3.1). Roots have been 
found to be the most consistent food item across all seasons for Australian feral pigs in 
Western Australia and New South Wales (Masters, 1979; Pavlov, 1980). 
 
Table 3.1  The proportion of root material within pig (Sus scrofa) diets worldwide. 
 
Location  Habitat type  Sample 
Type 
Plant 
content  Root material  Reference 
Catalonia, Spain  Mediterranean 
coastal 
wetland 
Stomach  94%  33% of which are 
underground roots 
and rhizomes 
from non-
agricultural plants 
(Giménez-
Anaya et 
al., 2008) 
Urewera Ranges, 
New Zealand 
Mountainous 
hardwood 
forest 
Stomach  72%  17% of diet was 
root material 
(Thomson 
and 
Challies, 
1988) 
Europe (Croatia, 
Poland, 
Netherlands, Spain 
and France) 
Mediterranean 
– European 
deciduous 
forest 
Stomach  Present (not 
quantified) – 
100% 
24 - 92% of 
stomachs found 
with roots 
(Schley 
and Roper, 
2003) 
Jarrah forest, 
Western Australia 
Dry 
sclerophyll 
forest 
Stomach  66%  62% of stomachs 
found with roots 
(Masters, 
1979) 
Marernma Natural 
Park, Italy 
Mediterranean 
forest 
Faeces  86%  Present, not 
quantified 
(Massei et 
al., 1996) 
 
The consumption of roots and digging for roots by pigs can result in physical damage 
to plants,  ranging from browsing of above ground leaves and stems to the entire 
uprooting and destruction of the root system. This digging and rooting behaviour of 
feral  pigs  may  also  represent  an  important  factor  in  the  spread  of  Phytophthora 
cinnamomi. This soil-borne pathogen typically enters the root hairs of apical meristems  
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or wounds and gradually moves up to lateral roots resulting in dieback in susceptible 
plants (Shearer and Tippett, 1989). Damage to plant root systems and the transport of 
soil are major risk factors for the spread of soil-borne plant pathogens, in particular 
P. cinnamomi (Hardy, 2000). Feral pigs in the jarrah (Eucalyptus marginata) forest of 
Western Australia are known to consume the underground structures of several plant 
species, some of which are susceptible to P. cinnamomi infection (Table 3.2). The 
consumption of infested roots and tubers from susceptible plant species represents a 
potential avenue for the dispersal of this plant pathogen within the environment. 
 
Table 3.2 Susceptibility of plants to Phytophthora cinnamomi infection, and parts of 
the plants, consumed by feral pigs (Sus scrofa) in the jarrah (Eucalyptus marginata) 
forest of Western Australia  
 
Food item  P. cinnamomi 
susceptibility  Seasonal consumption  Parts consumed 
Macrozamia riedlei 
(Zamia palm)  Susceptible  Yes (Autumn, Winter)  Roots, fruits and seeds 
consumed 
Persoonia longifolia 
(Snotty gobble)  Susceptible  Yes (Winter, Spring, 
Summer) 
Berries, fruits 
consumed 
Xanthorrhoea preissii 
(Balga, Blackboy)  Susceptible  No  Leaves consumed 
Hypochoeris radicata 
(Flatweed, Cat‘s ear)  Status unknown  No   Leaves consumed 
Oxalis spp (Wood sorrel, 
Shamrock)  Status unknown  No  Roots, bulbs and leaves 
consumed 
Trifolium subterraneum 
(Subterranean clover)  Status unknown  No  Leaves consumed 
Bossiaea ornate (Broad 
leaved brown pea)  Resistant  No  Roots and bulbs 
consumed 
Pteridium esculentum 
(Bracken fern)  Resistant  No  Roots and bulbs 
consumed 
Adapted from Masters (1979) and Groves et al. (2010a; 2010b). 
 
Native plants in the jarrah forest previously thought to be resistant to dieback have 
subsequently been found to be infected with P. cinnamomi asymptomatically (Phillips 
and Weste, 1984; D'Souza et al., 2005). As such, the roots of asymptomatic plants may  
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provide  a  source  of  persistent  inoculum  for  P.  cinnamomi  infections  even  when 
susceptible species have been eliminated (D'Souza et al., 2005). Recent investigations 
of underground roots and bulbs from plants considered to be resistant to P. cinnamomi 
infection,  such  as  Amphipogon  debili,  Austrodanthonia  caespitose,  Austrostipa 
campylachne and Neurachne alopecuroidea have shown that these plants can harbour 
the pathogen (M. Crone, pers. comm.). As such, regardless of whether pigs feed on 
susceptible  or  resistant  plants,  their  feeding  behaviour  is  likely  to  bring  them  into 
contact with the pathogen if it is present. 
In Western Australia, research on P. cinnamomi has focused on the jarrah forest where 
the  pathogen  has  a  considerable  impact  on  the  ecology  and  management  of  this 
economically  important  ecosystem  (Shearer  and  Tippett,  1989).  Previous  dietary 
analysis of feral pigs in the jarrah forest through field observations, stomach and faecal 
analyses  focused  on  the  identification  of  plant  species  consumed  by  feral  pigs 
(Masters, 1979). To better understand the associated risk of P. cinnamomi dispersal by 
feral pigs in the jarrah forest, an analysis of stomach contents of trapped feral pigs was 
undertaken aimed to investigate the proportion of dieback susceptible plant material 
they commonly consume.  
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3.2 Materials and methods 
3.2.1 Trapping of pigs and collection of pig stomachs  
Feral  pigs  were  sampled  from  three  areas;  Mundaring,  Serpentine  and  Dwellingup 
within the northern jarrah forest (Figure 2.2). Site conditions have been previously 
described in section 2.2.1. Trapping and euthanasia of pigs in this study has also been 
previously  described  in  section  2.2.1.  Stomachs  were  removed  from  the  carcasses 
during in-field necropsies (Figure 3.1), placed in sealed plastic bags, and stored at 4°C 
until return to the laboratory. Upon return, stomach weights were recorded and the 
stomachs stored at -20°C until contents were analysed. 
 
 
 
Figure 3.1 Removal of the stomach from a feral pig (Sus scrofa) during necropsy. 
Photo image courtesy of P. Adams. 
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3.2.2 Stomach content analysis 
Stomachs  were thawed  overnight  before being  dissected and the contents  removed 
(Figure 3.2). A hundred pig stomachs were randomly sampled from a pool of 208 
stomachs. These 100 stomachs comprises of 52 male and 48 female pigs, and were 
further categorised as: age group young (n=32), juvenile (n=33) and adult (n=35); trap 
site  Mundaring  (n=15),  Serpentine  (n=46)  and  Dwellingup  (n=39);  trap  month 
December (n=26), January (n=30), February (n=24), March (n=16) and April (n=4). 
Stomach contents were then sieved under running water at 1 L/min through stacked 
10 mm, 4 mm, 1 mm, and 0.2 mm sieves. Contents were examined under a dissecting 
microscope  (Motic  SMZ-143,  Wetzlar,  Germany)  and  sorted  macroscopically  into 
readily identifiable categories; fruit/bait, plant material (stems, roots, leaves and bark), 
fungi, vertebrates and invertebrates. 
 
 
Figure 3.2 Dissection of a feral pig (Sus scrofa) stomach to remove contents. Photo 
image taken by A. Li.  
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Representative samples of each item were stored in formalin-acetic acid-alcohol, FAA 
solution (50% ethyl alcohol, 5% glacial acetic acid, 10% formalin and 35% distilled 
water  volume  for  volume).  These  representative  samples  were  hand-cut  to  1  mm 
thickness  with  a  sterile  blade  and  mounted  onto  microscope  slides  to  be  further 
identified  to  species  or  genus,  where  possible,  under  light  microscopy  with  an 
Olympus CHS microscope (Olympus, Japan). Samples were dried overnight at 50°C 
for dry weight analysis. 
3.2.3 Identification of hair samples 
Hair recovered from the stomachs was dried overnight at 50°C for dry weight analysis 
and was further cleaned by rinsing with 70% ethanol. Hair samples were then dried 
onto  Whatman  No  1  filter  paper  (Whatman  Ltd,  Rydalmere,  New  South  Wales, 
Australia)  before  mounting  onto  microscope  slides  with  a  drop  of  glycerol  for 
identification (Figure 3.3). The structure and characteristics of the hair samples were 
examined at 100–400x magnification under the Olympus CHS microscope. HairID 
software (Brunner et al., 2002) was used to identify the hair samples according to 
morphological differences in the medulla, cuticle scale pattern and profile of the hair. 
These  morphological  characteristics  were  referenced  to  the  database  of  Australian 
native and domestic mammals within HairID.  
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Figure 3.3 Hair samples recovered from stomachs of feral pigs (Sus scrofa) mounted 
on microscope slides for identification. Photo image taken by A. Li. 
 
In addition, cross-sections of the medulla were obtained. Briefly, hair samples were 
packed with dull rayon yarn through a 0.3 mm hole in a stainless steel plate and a 
degreased safety razor blade was used to cut the hair bundle flush to the plate on both 
sides. Cross sections of each hair sample (Figure 3.4) were then identified by the shape 
of  the  medulla  which  was  referenced  with  the  database  of  Australian  native  and 
domestic mammals within HairID. 
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Figure 3.4 The set up of a hair sample cross-section as described in Brunner et al. 
(2002). Photo image taken by A. Li. 
 
3.2.4 Statistical analysis 
An index of relative importance (IRI) was generated based on frequency occurrence 
and logarithmic dry weight of food items (calculated from respective individual pig‘s 
metabolic body weight basis: weight
0.75) identified. Food items were ranked serially 
according to their percentage frequencies and dry weight in ascending order i.e. the 
highest value was assigned highest rank number. A rank of 1 was assigned to the least 
important  food  item  while  a  higher  ranking  number  was  assigned  to  the  more 
important food items. Spearman‘s rank coefficient (rs) was then used to determine the 
correlation between the frequency occurrence and logarithmic dry weight of food items 
within the diet.  
Stomach  contents  were  also  analysed  using  discriminant  analysis  and  multiple 
regression  analysis  with  Statistica  9.0  (Statsoft,  Inc.  2009).  Discriminant  analysis  
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testing was performed to determine the significance of age group, sex, area and period 
of capture on diet selection. Multiple regression analysis was performed on individual 
food items to determine the factors influencing the consumption of each food item. 
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3.3 Results 
3.3.1 Food items identified from the feral pig stomachs 
As expected, fruit/bait material was the most commonly occurring food item and was 
found in 97% of the stomachs. Dry weight of the bait material made up 81.8% ±0.62 of 
the stomach contents. Fruit/bait material was disregarded as part of the pig diet hence it 
was subsequently removed from further analysis. Unidentifiable fine material collected 
in the 0.2 mm sieve occurred in 74% of the stomachs. The unidentifiable fine material 
made up 7.24% ±0.08 of the stomach contents and was also removed from further 
analysis. 
Plant material represented the most consistent food item within the pigs‘ diet, being 
found in 85% of the stomachs examined (Table 3.3). When analysed by volumetric 
mass,  plant  material  formed  17.4%  of  the  diet.  The  majority  of  plant  material 
recovered from the stomachs was not identified to species level due to the extent of 
maceration and initial digestion. Sweet vernal grass (Anthoxanthum odoratum), flat 
weed  (Hypochoeris  radicata),  Balga  (Xanthorrhoea  preissii)  and  Pennisetum  spp. 
were identified from leaves in the stomach contents. 
 
Table 3.3 Dry weight analysis of stomach contents from 100 feral pigs (Sus scrofa) 
across all three catchments. 
 
Food item  Frequency (%)  Dry weight (%) 
Stems  85  7.02 ±0.2 
Roots/tuber  83  4.48 ±0.1 
Leaves  56  2.71±0.1 
Bark  41  3.15 ±0.1 
Fungi  45  51.26 ±1.9 
Vertebrate  42  29.66 ±1.4 
Invertebrate  17  1.72 ±0.1 
NB: ± denotes standard error  
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Stem material was the most frequently consumed plant matter. Root material was the 
second most frequently consumed item (83%), however this only represented 4.5% of 
the total dietary intake. Leaves and bark were also found in small quantities (Table 
3.3), but were detected in approximately half of the stomachs.  
Identifiable  food  items  included  fruiting  bodies  of  fungi,  hair  samples  and 
invertebrates.  Underground  fruiting  bodies  of  Rhizopogon  spp.  were  found  to  be 
consumed in large quantities, making up half of the volumetric diet. However, these 
were only found in 45% of the stomachs surveyed (Table 3.3).  
Vertebrate tissues were found in 42% of the stomachs and represented 30% of the 
stomach contents. These were identified as claws from kangaroos, bone fragments and 
carrion. Hair samples were identified to be from mammals and marsupials: red fox 
(Vulpes  vulpes),  n=1;  cattle  (Bos  taurus),  n=1;  western  grey  kangaroo  (Macropus 
fuliginosus),  n=2;  southern  brown  bandicoot  (Isodon  obesulus),  n=2;  short-beaked 
echidna  (Tachyglossus  aculeatus),  n=1;  brushtail  possum  (Trichosurus  vulpecula), 
n=2. Fly maggots and centipedes were identified from the invertebrate fraction of the 
stomach contents however morphological identification of these items was not possible 
due to digestion. 
3.3.2 Statistical analysis of the food items 
An index of relative importance for the identified food items ranked them according to 
their frequency and volume (Table 3.4). From frequency ranking, stems and roots were 
identified as important components of the diet. However, volumetric ranking showed 
that fungi and vertebrates are the most important components. Using Spearman‘s rank 
coefficient, no linear correlation (rs= 0.357; df= 12; p= 0.432) was found between the 
frequency of occurrence and the amount of food items consumed.   
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Table 3.4  Index of relative importance of the identified food items. 
 
Food item  Ranking by 
Frequency 
Ranking by 
Dry weight 
Stems  7  5 
Roots/tuber  6  4 
Leaves  5  2 
Bark  2  3 
Fungi  4  7 
Vertebrate  3  6 
Invertebrate  1  1 
NB: Rank 1 = least important, Rank 7 = most important 
 
Discriminant analysis of food item consumption was performed against differences in 
sex, body mass/age group, month and area of capture (Appendix 1). There was no 
significant difference between food item preference between male and female pigs 
(p= 0.376),  month  of  capture  (p=  0.475)  or  sampling  area  (p=  0.259).  Age  group 
(based on the body mass of pigs; young: <10 kg, juvenile: 10-20 kg or adult: >20 kg) 
was found to have an influence on bark consumption (p= 0.002), with larger (heavier) 
pigs consuming more bark material than smaller pigs. 
Multiple regression analysis (Appendix 2), taking into account co-variate factors such 
as sex, body mass, area and month of capture, demonstrated that the occurrence of root 
material was significantly influenced by area of capture (F (4,95)= 1.828; p= 0.031) 
with more root material consumed at Dwellingup than the other two sampling areas 
(Figure  3.5).  This  difference  was  attributed  to  three  pigs  captured  in  Dwellingup 
consuming more root material resulting in a higher average and significantly higher 
standard deviation for root consumption in Dwellingup.  
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Figure 3.5 The average consumption of root material by the feral pigs (Sus scrofa) in 
different trapping areas. Bars indicate standard deviation. 
 
Multiple  regression  analysis  (see  Appendix  2)  also  demonstrated  that  bark 
(F (4,95)= 4.701;  p=  0.0002)  and  invertebrate  (F  (4,95)=  1.954;  p=  0.029) 
consumptions were significantly influenced by body mass. This was represented by 
larger  pigs  consuming  more  bark  (Figure  3.6).  Of  the  17  pigs  found  to  consume 
invertebrates, one large pig was found to consume significantly more invertebrates 
than the other pigs (Figure 3.7).  
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Figure 3.6 No correlation (R
2= 0.165; df= 4.95; p=0.0002) was observed between 
metabolic weight of the feral pigs (Sus scrofa) and bark consumption. 
 
 
 
Figure 3.7  No correlation (R
2= 0.760; df= 4.95; p=0.029) between metabolic weight 
of the feral pigs (Sus scrofa) and invertebrate consumption. 
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3.4 Discussion 
When  the  stomach  contents  were  analysed  by  frequency  of  occurrence,  a  high 
occurrence of subsurface plant materials was observed. Plant material was found in 
85% of stomachs, with plant root fragments found in 83%. These data are similar to 
other studies conducted worldwide, which have also found a high occurrence of plant 
material  in  feral  pigs‘  stomachs  (Thomson  and  Challies,  1988;  Schley  and  Roper, 
2003; Giménez-Anaya et al., 2008). The high frequency of plant material consumed by 
feral pigs certainly indicates that plant material is an important dietary inclusion and 
subsurface and underground plant materials are a significant component of the feral 
pig diet.  
When pigs forage for roots and tubers, they not only disturb the soil structure but also 
predispose  themselves  to  close  contact  with  soil.  If  the  soil  was  infested  with 
P. cinnamomi, the pigs can transport the infested soil to other areas thus spreading the 
pathogen. In addition, this feeding behaviour also damages plant root systems resulting 
in the loss of the protective epidermal layer and exposing the vascular system to the 
soil and consequently increasing the susceptibility to P. cinnamomi infection.  
The  amount  of  plant  material  recovered  from  the  pig  stomachs  was  less  than 
anticipated, however, the use of fruit bait/attractant as part of the trapping process may 
account for this. Pigs typically had free access to bait material for at least 3 days prior 
to being trapped and as such may not have foraged as widely, preferring to exploit this 
opportunistic food source which is rich in sugar and starch. As such, the relatively low 
volume of plant material in the pig diet in this study compared to previous studies 
(Thomson and Challies, 1988; Schley and Roper, 2003; Giménez-Anaya et al., 2008), 
could be due to their exploitation of bait material and the utilisation of traps as much as 
the  environmental  variability.  Furthermore,  the  variation  in  digestibility  of  plant  
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components  might  result  in  an  underestimation  of  contribution  of  digestible  plant 
materials consumed as reported in other stomach content analysis studies (Tixier and 
Duncan, 1996; Herrero et al., 2006). These factors could have contributed to the low 
amount of plant material seen in the stomachs examined in this study. Hence, the lower 
rank assigned to plant materials when using the index of relative importance based on 
logarithmic dry weight of food items. However, if the pig stomachs in this study were 
sourced using similar methods applied in other studies i.e. shooting or hunting, the 
food bias from fruit baits would be removed and it could be expected to reflect a 
higher yield of plant material within the feral pig diet, which has been observed for 
feral pigs elsewhere. 
Logarithmic dry weight analysis of feral pig stomach content identified fungi as the 
most  important  food  item.  This  fungi  material  which  made  up  approximately  half 
(51.3%) of the feral pigs‘ diet was identified as fruiting bodies of Rhizopogon spp. A 
study by Claridge and Cork (1994) demonstrated that Rhizopogon luteolus was a high 
quality food resource for fungivorous native mammals such as the long-nosed potoroo 
(Potorous tridactylus). The abundance of Rhizopogon spp. fruiting bodies in the pig 
diet  suggests  that  not  only  are  feral  pigs  spending  a  considerable  amount  of  time 
foraging for below ground food items but they are also competing with native fauna 
for food resources. This feeding behaviour also increases the likelihood of consuming 
P. cinnamomi infected plant materials either as by-catch or targeted components of the 
diet.  
Consumption  of  vertebrate  material  was  ranked  second  based  on  logarithmic  dry 
weight  analysis  though  was  not  a  frequent  dietary  item.  Whilst  not  frequently 
consumed, vertebrate tissues still formed 30% of the diet. Vertebrate tissue provide a 
rich source of protein in the diet of  feral  pigs, which have relatively  high protein  
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requirements (Barrett, 1978). Whilst feral pigs have been observed to actively predate 
vertebrate  prey  (Wilcox  and  Van  Vuren,  2009),  the  presence  of  maggots  and 
discoloured  skin  with  vertebrate  items  in  most  cases  in  this  study  indicates  that 
majority of these food items were sourced from carrion. Each of the sampling sites has 
numerous  roads  servicing  mining  operations  and  commercial  transport/haulage, 
providing  a  readily  available  source  of  carrion  which  feral  pigs  are  known  to 
opportunistically exploit. 
No one food item  preference was  observed in  this  study.  This  may be due to  the 
limited summer sampling period as a result of restricted trapping efforts. This time 
period was used to optimise resources as trapping of feral pigs in this  region was 
determined  to  be  most successful  in  summer  months  when  pigs  would  congregate 
within water catchments (R. Staines, pers. comm.). Individual hunting of pigs, to date 
is considered unlawful in Western Australia and the trap sites are located within areas 
of  multi-use  tenure.  In  addition,  aerial  shooting  was  not  approved  for  the  pig 
eradication program due to high costs and the dense canopy cover over the sampling 
sites (R. Staines, pers. comm.). Hence, the pigs were baited and trapped using fruits 
and cages.  
Other studies have reported seasonal variations in the diet of feral pigs (Masters, 1979; 
Giles, 1980; Pavlov, 1980; Schley and Roper, 2003). In particular, Masters (1979) 
found that roots and carrion formed a large part of the feral pig diet in the jarrah forest 
during summer probably due to the lack of other readily available food resources. In 
winter, the pigs switched to snotty gobble (Persoonia longifolia) berries and green 
herbaceous grass suggesting their adaptability to available food resources. Whilst a 
seasonal comparison of diet preference could not be performed, the results from this  
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study is similar to the findings of Masters (1979) where underground food sources and 
vertebrate tissues were found to make up most of the stomach contents during summer. 
Multiple  regression  analysis  of  invertebrate  components  of  the  feral  pig  diet 
highlighted a significant influence of body mass on intake whilst discriminant analysis 
showed that age group (based on body mass) did not have an influence on invertebrate 
consumption. The result from the multiple regression analysis could be attributed to an 
individual  large  pig  consuming  significantly  more  invertebrate  than  the  other  pigs 
found with invertebrate matter in their stomachs. The invertebrates identified in this 
study was limited to maggots (associated with carrion) and centipedes, although other 
invertebrates such as earthworms, snails and arthropods were reported to be consumed 
by Australian feral pigs (Choquenot et al., 1996). The absence of other invertebrates in 
this study might be due to a sampling bias caused by the restricted trapping efforts, 
localities of the sampling areas and the advanced digestion of other invertebrates. 
Invertebrate consumption was also ranked to be the least important food item in the 
feral pig diet based on both logarithmic dry weight and frequency occurrence analyses 
suggesting that invertebrates were not actively sourced by the pigs. Whole maggots 
were found in the stomachs, suggesting that the pigs were not chewing the carrion 
consumed. Similarly, the centipedes found were mostly intact indicating that feral pigs 
tend to swallow the animal food they consume rather than chewing. These findings 
could be further interpreted as an indication that the invertebrate matter ingested in this 
study might be a result of by-catch from pigs foraging on the forest grounds.  
Consumption  of  bark  material  by  feral  pigs  based  on  both  logarithmic  dry  weight 
analysis and frequency of occurrence was ranked to have low importance in their diet. 
Previous studies have reported that feral pigs consumed pieces of cast bark and they 
are known to occasionally chew the bark from trees (Challies, 1975; Pavlov et al.,  
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1992). The bark material found in the stomachs examined in this study were mostly 
observed to be aged and dark in colour, suggesting that the bark material was sourced 
from fallen trees/logs or litter formed on the ground. Field observations of trees in the 
sampling areas revealed tusking marks on the trunks with no evidence of chewing. 
These observations indicate that the feral pigs were not actively foraging bark material 
for consumption and bark formed as ground litter might be consumed as by-catch.  
Both multiple regression and discriminant analyses showed that larger pigs consumed 
more  bark  throughout  the  trapping  season  across  the  three  sampling  areas.  The 
recovery of bark in the stomachs of larger pigs could be interpreted as an indication 
that the younger, smaller sized pigs are less likely to consume bark material as by-
catch. This might be due to the smaller pigs having smaller mouth openings, hence 
decreasing the likelihood of picking up large pieces of bark when foraging for food. 
Thomson  and  Challies  (1988)  found  that  in  the  forests  of  Urewera  Ranges,  New 
Zealand, 51.8% of the feral pigs‘ food was obtained by foraging on the ground, 30.6% 
by rooting and 17.6% by browsing and grazing. Larger pigs, having a higher resource 
requirement,  could  be  spending  more  time  foraging  for  food  thus  increasing  the 
likelihood of consuming bark on the ground as by-catch. 
Multiple regression analysis indicated that sampling area influenced the consumption 
of plant root material by pigs however, discriminant analysis highlighted that there was 
no influence from age or sex of pigs on root consumption throughout the season across 
all three sampling areas. Plant root consumption was seen to vary across the three 
sampling areas however this was heavily influenced by three pigs (two young and one 
adult)  from  Dwellingup  which  had  consumed  significantly  more  root  material  in 
comparison to other pigs across all three sampling areas. Root material consumed by 
these three pigs also increased both the mean and standard deviation of root material  
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consumed by pigs in Dwellingup. All three pig stomachs contained stem material as 
well. Whilst the adult and young male had consumed Rhizopogon spp., the  young 
female had consumed only vertebrate material. This general lack of variety in stomach 
content from these three pigs suggests that additional food items were scarce and they 
had adapted by increasing root consumption prior to being captured. The adaptability 
of feral pig to available food resources is a trait which has been credited with aiding 
their survival and colonisation of a variety of habitats worldwide. 
The  dietary  preference  of  feral  pigs  raises  questions  regarding  their  potential  to 
transport  chlamydospores  of  P.  cinnamomi  within  the  environment.  Given  that 
chlamydospores  are  able  to  survive  in  soil  or  roots  of  tolerant  hosts  for  extended 
periods  until  conditions  favour  sporulation  (Weste  and  Vithanage,  1979),  the 
consumption of roots by feral pigs highlights the potential to transport undigested root 
material harbouring the pathogen to other areas. As such, the high occurrence of plant 
material,  in  particular  root  material  (83%),  should  be  viewed  as  a  concern  for 
P. cinnamomi  spread  by  feral  pigs  in  the  jarrah  forest.  Although  Masters  (1979) 
demonstrated that laboratory-cultured chlamydospores of P. cinnamomi do not survive 
passage  through  the  pig  digestive  tract,  undigested  infested  root  material  could 
possibly confer protection to the pathogen aiding it‘s survival through passage. 
The  high  frequency  of  plant  material  in  the  feral  pig  diet  in  the  jarrah  forest  is 
consistent with that of wild pigs worldwide. Whilst the ecological damage associated 
with this impact is difficult to quantify, consideration needs to be given to additional 
impacts which may not be as apparent. This study has shown root material to be a 
consistent and significant component of the feral pig diet which has real implications 
for the potential spread of P. cinnamomi. As such, further investigation of the role of 
feral pigs in dispersing digested P. cinnamomi within ecosystems is warranted.  
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CHAPTER 4 
Potential for dissemination of Phytophthora 
cinnamomi by feral pigs (Sus scrofa) via 
ingestion of infected plant material 
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4.1 Introduction 
Collectively, invasive animals, plants and microbes are a major threat to ecosystems 
worldwide,  yet  the  compounding  impact  these  invasive  species  is  not  widely 
recognised (van der Putten et al., 2007). Feral pigs (Sus scrofa) present an undefined 
threat to native ecosystems through their potential to spread secondary invasive species 
such as pathogens and weeds. While many animals are capable of acting as vectors for 
a number of disease agents, including microbial pathogens (Feio et al., 1999; Martin 
and Dale, 2001), the non-fastidious diet, foraging habits and home range of feral pigs 
brings  them  in  direct  contact  with  invasive  plant  pathogens  such  as  Phytophthora 
cinnamomi in many of the temperate regions of the world, thus increasing the potential 
cumulative  impact  of  both  pigs  and  pathogens  on  native  and  horticultural  plant 
communities.  
Feral pigs are a widespread pest species that are present throughout many regions and 
habitat types of the world (Tierney and Cushman, 2006), and have been implicated in 
the decline of 257 plant and 8 bird species in the United States alone (Gurevitch and 
Padilla, 2004). Feral pigs also impact on agricultural production, and in Australia the 
damage  they  cause  was  estimated  to  cost  in  excess  of  $100  million  per  annum 
(McLeod, 2004).  
The highly invasive plant pathogen, P. cinnamomi, infects over 3000 plant species 
worldwide  including  many  agricultural,  ornamental  and  forest  species  (Erwin  and 
Ribeiro, 1996; Hardham, 2005). Shearer et al. (2004) estimated that 2284 (40%) of the 
5710  plant  species  in  the  South-west  Botanical  Province  of  Western  Australia  are 
susceptible to P. cinnamomi infection. This pathogen has been estimated to cost the 
Australian economy $1.6 billion over the course of a decade (Carter, 2004).   
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Despite the introduction of both feral pigs and P. cinnamomi in many temperate habitat 
worldwide, very little is understood of the compounding potential of these two highly 
destructive and invasive species. Anecdotally, feral pigs have long been implicated in 
the  spread  of  P. cinnamomi,  although  relatively  little  data  exists  to  support  these 
claims. Pigs could serve as incidental vector for the plant pathogen because they do not 
develop immunity and are not susceptible to P. cinnamomi infection. Therefore, they 
cannot be considered as host for the pathogen. However, they have the potential for 
continual spread of viable P. cinnamomi within the habitats where they forage.  
The non-fastidious diet of feral pigs typically incorporates a significant proportion of 
plant  material  including  woody  root  material  and  underground  structures  (Masters, 
1979; Choquenot et al., 1996; Giménez-Anaya et al., 2008), which are the primary 
sites for infection with P. cinnamomi in susceptible plants (Shearer and Tippett, 1989; 
Hardham, 2005: Hardy et al., 2007). Such foraging behaviour presents a means of 
pathogen  dispersal  via  the  deposition  of  faecal  matter  throughout  the  environment 
(Figure 1.8) in addition to the transport of infested soil. This study investigated the 
potential for pigs to disseminate viable P. cinnamomi in their faeces following the 
ingestion  of  infected  plant  material.  As  such  we  demonstrate  the  ability  of 
P. cinnamomi to survive passage through the pig digestive tract and the potential for 
long distance dispersal of the pathogen by feral pigs in native forest ecosystems.  
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4.2 Materials and methods 
4.2.1 Determining pig gastrointestinal passage rate and maintenance of 
pigs during experimental feeding trial 
Pig feed stained with Sudan III dye was prepared as described by Asplund and Harris 
(1970) to determine the intestinal passage rate. Briefly, 3 kg of pig feed was soaked in 
4 L of distilled water for 10 min then drained and gently shaken to soften all particles 
and  remove  excess  water.  Dye  was  added  by  dissolving  900  mg  of  Sudan  III 
(ProScitech, Thuringowa, QLD, Australia) in 750 ml of acetone and mixing with moist 
feed. Acetone and water were allowed to evaporate for 1 h at 25°C before rinsing with 
tap water twice and drying at 50°C for 72 h. Three female pigs (Sus scrofa; Large 
White) approximately 4 months of age (15–20 kg each) were individually housed in 2 
m x 2 m pens (Figure 4.1), in the pig handling unit at Murdoch University (Animal 
Ethics Permit: R2082/07).  
 
 
Figure 4.1 Housing of pigs (Sus scrofa; Large White) in individual pens during the 
feeding trials. Photo image taken by A. Li.  
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Individual pigs were each fed approximately 1 kg of commercial ―Baconers pellets‖ 
(Milne  AgriGroup,  Australia)  daily.  Water  was  provided  ad  libitum.  An 
acclimatisation  period  of  2  days  was  performed  to  de-stress  the  pigs  prior  to 
determining their intestinal passage rate. The dried feed that had been stained was fed 
to the pigs as per daily diet (Figure 4.2).  
 
 
 
Figure 4.2 The pig feed (Baconer pellets) dyed with Sudan III dye prior to feeding. 
Photo image taken by A. Li.  
 
Faecal samples were collected to record the time taken to passage all of the dyed feed. 
Pens  were  washed  down  twice  daily,  following  faecal  collection.  Faeces  from 
individual pigs were collected twice daily; once in the morning, prior to feeding, and 
again in the evening and placed into separate containers.  
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4.2.2 Culturing of Phytophthora cinnamomi infected plant materials 
The three plant substrates used in this study were; millet (Panicum miliaceum) seed, 
pine (Pinus radiata) stems and slender-leaved Banksia (Banksia leptophylla) roots. 
4.2.2.1 Millet (Panicum miliaceum) seeds inoculation 
Millet seeds (150 g) and 120 ml of water were placed into 500 ml Erlenmeyer flasks, 
stoppered with non-absorbent cotton and a gauze bung and sealed with aluminium foil. 
Flasks were then sterilised by autoclaving at 121
oC for 30 min once a day for three 
consecutive  days.  Following  autoclaving,  flasks  were  allowed  to  cool  at  room 
temperature before storing at 4°C overnight. Flasks were aseptically inoculated with 
P. cinnamomi isolate MP94.48 (Centre for Phytophthora Science and Management, 
Murdoch University) in a laminar flow cupboard using 4–5 agar plugs (100 mm
2) per 
500  ml  flask  from  three  day-old  cultures  grown  on  NARPH  agar,  Phytophthora 
selective media plates, as described by Hüberli et al. (2000). Inoculated flasks were 
placed inside zip lock bags and incubated for three weeks at 20°C with gentle shaking 
every  three  days  to  ensure  uniform  colonisation  of  P.  cinnamomi  through  each 
substrate. 
4.2.2.2 Pine (Pinus radiata) plugs inoculation 
Lengths of pine branches of 10–15 mm diameter were harvested from 5–9 year-old 
trees, stripped of bark, cut into 2–3 cm lengths and soaked in deionised water for 24 h 
in a 2 L Erlenmeyer flask. Following soaking, excess water was drained and 50 ml of 
deionised water was added. Autoclaving and inoculation of pine plugs were carried out 
as per the millet seeds (section 4.2.2.1). Flasks were kept at 20°C for 8 weeks and 
shaken  once  every  three  days  to  ensure  uniform  distribution  and  colonisation  by 
P. cinnamomi.  
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4.2.2.3 Banksia leptophylla roots inoculation 
Phytophthora cinnamomi infected roots were sourced from potted Banksia leptophylla 
plants that were inoculated with three P. cinnamomi colonised pine plugs (section 
4.2.2.2). Briefly, the two year-old B. leptophylla seedlings (Nindethana Seed, Albany, 
Western Australia) were potted into 150 mm free-draining pots containing composted 
pine bark, coarse river sand and coco peat fibre (2:2:1 ratio, respectively; Richgro 
Garden Products, Canningvale, Western Australia). Plants were fertilised with 15 g of 
a  slow  release  low  phosphate  fertiliser  (Osmocote  Plus  Native  Garden,  Scotts 
Australia, New South Wales) added to the surface of the potted soil. Three pine plugs 
colonised with P. cinnamomi isolate MP94.48 were placed in the soil to a depth of 
4 cm.  Plants  were  grown  in  a  glasshouse  maintained  at  approximately  25°C  and 
watered daily via drip irrigation for 6–10 weeks until plants began to show symptoms 
of P. cinnamomi infection at which point the roots were harvested.  
The viability of P. cinnamomi in each of the inoculated plant materials was confirmed 
by plating onto Phytophthora selective media, NARPH agar plates. The plates were 
incubated in a 20°C controlled temperature room and were examined every second day 
for  the  presence  of  P.  cinnamomi  growth  under  an  Olympus  CHS  microscope 
(Olympus, Japan). 
4.2.3 Feeding of inoculated materials  
Each of the inoculated materials was fed separately to the individually housed pigs in 
conjunction with that days‘ pig feed by adding 150 g of inoculated material to 850 g 
―Baconers pellets‖ prior to feeding (Figure 4.3). Each pig was separately fed a single 
bolus of 150 g of inoculated material mixed with 850 g of ―Baconers pellets‖. Uneaten 
portions were removed 24 h after feeding.   
94 
 
Following each feeding of inoculated material  pigs  were fed  1 kg of  uninoculated 
―Baconer pellets‖ daily, for a minimum of four days as determined by Sudan III dye 
experiment or until the last recognisable portion of plant substrate was observed to be 
passed  in  the  faeces,  whichever  was  longer.  After  the  final  passage  of  inoculated 
material was observed, the next bolus of inoculated plant material was fed to the pigs 
after an additional 48 h clearing period.  
 
 
 
Figure  4.3  Pig  feed  (Baconer  pellets)  mixed  with  infected  plant  material  prior  to 
feeding. Infected millet seeds (Panicum miliaceum) shown here. Photo image taken by 
A. Li. 
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4.2.4  Faecal  sample  analysis  and  recovery  of  passaged  inoculated 
materials 
The total weight of each faecal sample collected was recorded. The faecal samples 
were  sieved through 1  mm and 20 µm  sieves  sequentially  under running  water at 
2 L/min to recover the inoculated material (Figure 4.4). The 1 mm sieve collected the 
undigested  infected  plant  material  and  pig  feed  whilst  the  20  µm  sieve  collected 
partially  digested  material  and  any  potential  chlamydospores  and  mycelium  of 
P. cinnamomi that may have been present. Recovered faecal material from both the 
1 mm and 20 µm sievings were stored at -20°C until further processing.  
 
 
 
Figure 4.4 Water sieving of faecal samples to recover the infected plant material. The 
1 mm sieve is stacked on top of a 20 µm sieve. Photo image taken by A. Li.  
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Infected plant materials were recovered from the faeces of each pig on a daily basis 
and pooled to represent faecal material from each individual pig samples collected at 
24 h intervals after feeding. Millet seeds recovered in the first 24 h were labelled M1, 
subsequent recoveries were labelled M2 (48 h), M3 (72 h) etc. Similarly, pine plugs 
recovered were labelled P1, P2, P3 etc and roots recovered at 24 h intervals were also 
labelled R1, R2 and R3. Infected millet seeds, pine plugs and roots that were not fed 
were assigned labels M0, P0 and R0, respectively, as positive controls. Non-infected 
plant materials were labelled as MC, PC and RC for millet seeds, pine plug and roots, 
respectively, as negative controls. 
4.2.5 Analysis of recovered plant materials 
Dry  weight  measurements  of  the  recovered  infected  plant  material  were  used  to 
determine the daily percentage of plant materials recovered. Due to the nature of water 
sieving and the differential water retention levels between the different types of plant 
material, a representative portion of each type of material was collected for dry weight 
measurement. In addition, low levels of recovery for millet seeds and Banksia roots 
did not allow the dry weight measurement of every recovered sample. Hence, non-
random sampling was performed by weighing a representative portion of each sample 
type before and after drying in a 50°C oven overnight. The total passage time of each 
P. cinnamomi colonised plant material was also recorded.  
4.2.6 Pooling of recovered plant materials 
Due to the differential digestion of each plant material, samples collected from their 
respective  individual  pig  replicates  were  pooled  to  allow  sufficient  material  for 
comparative isolation and qPCR analyses (Table 4.1).   
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Table  4.1  Pooling  of  recovered  materials  from  pig  faeces  for  the  detection  of 
Phytophthora cinnamomi using different analyses. 
 
Day  Baiting   Plating   qPCR  
Millet  Pine  Root  Millet  Pine  Root  Millet  Pine  Root 
1 
M1-3  P1-3  R1-3  M1-3  P1-3  R1-3  M1-3  P1-3  R1-3  2 
3 
4 
NA  P4-7  NA 
M4-5 
P4-7  NA 
M4-5 
P4-7  NA  5 
6  NA  NA  7 
Note: NA-  no material or insufficient material available. M 1-3: Pooled sample of 
millet seeds collected from first 72 h after bolus feeding.  M4-5: Pooled sample of 
millet seeds collected after 72 h till last passage . P1-3: Pooled sample of pine plug 
collected from first 72 h after bolus feeding. P 4-7: Pooled sample of pine plug 
collected after 72 h til last passage. R 1-3: Pooled sample of Banksia leptophylla roots 
collected. 
 
4.2.7 Testing viability of Phytophthora cinnamomi 
4.2.7.1 Baiting of inoculated plant materials 
Three day-old germinated lupin (Lupinus angustifolius L., cv. Mandelup) cotyledons 
were used as baits to detect for the ability of the recovered P. cinnamomi colonised 
plant material to produce P. cinnamomi zoospores. Briefly, approximately 4.8 g, 6.6 g 
and 5.4 g of recovered millet seed, pine plug and B. leptophylla roots, respectively was 
placed individually into 300 ml of deionised water held in 500 ml plastic containers. 
Cotyledons  were  placed  on  polyester  floats  with  their  tap  root  submerged  in  the 
inoculated water for five days. Cotyledons were examined for lesions and tap roots 
with lesions were then cut and plated onto NARPH plates aseptically. The plates were 
incubated at 20°C and observed daily under an Olympus CHS microscope to detect 
growth of P. cinnamomi mycelium. The P. cinnamomi colonised plant materials M0, P0 
and R0 were also baited as positive controls and non-infected MC, PC and RC were also 
baited as negative controls.  
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4.2.7.2 Direct plating of inoculated plant materials 
Individual  fragments  of  each  recovered  substrate  were  surface  sterilised  with  70% 
ethanol for 30 sec, rinsed in sterile distilled water and placed onto NARPH agar plates 
to determine if P. cinnamomi survived passage through the pig digestive tract. The 
P. cinnamomi colonised plant materials M0, P0 and R0 were also plated as positive 
controls  and  non-infected  MC,  PC  and  RC  were  plated  as  negative  controls.  The 
NARPH agar plates were incubated at 20°C and observed daily for hyphal growth 
typical of P. cinnamomi under an Olympus CHS microscope. When observed, hyphae 
were  sub-cultured  onto  fresh  NARPH  agar  plates  and  confirmed  as  P.  cinnamomi 
based  on  hyphal  morphology  identification.  Representative  isolates  were  stored  on 
corn  meal  agar  plugs  (100  mm
2)  in  sterile  water  at  room  temperature  for  future 
reference. 
4.2.7.3 Plant infection bioassay trial 
Recovered  pine  plugs  were  placed  into  the  soil  substrate  of  two  year-old  Banksia 
baxteri  seedlings  (Nindethana  Seed,  Albany,  Western  Australia)  in  150  mm  free-
draining pots. The soil substrate consisted of composted pine bark, coarse river sand 
and coco peat fibre (2:2:1 ratio, respectively; Richgro Garden Products, Canning Vale, 
Western Australia). Each pot was top-dressed with 15 g of slow release low phosphate 
fertiliser  (Osmocote  Plus  Native  Gardens,  Scotts  Australia,  New  South  Wales). 
Recovered pine plugs P1, P3, P5 and P7 were placed into the soil substrate at a depth of 
4 cm. Positive and negative control plants were also inoculated with P0 and PC pine 
plugs, respectively. There were 6 replicate pots per treatment giving a total of 36 pots. 
Plants were grown in a glasshouse maintained at 25°C and watered via drip irrigation 
daily to container capacity (Figure 4.5). Plants were observed daily for visible signs of 
infection such as chlorosis of leaves and wilting. The onset of visible symptoms was  
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noted. The roots of all plants were harvested after 10 weeks of inoculation and plated 
directly onto NARPH agar to determine if Phytophthora was present in the roots. In 
addition, the harvested roots were baited as previously described (section 4.2.7.1). 
 
 
 
Figure  4.5    The  plant  infection  bioassay  trial  with  Banksia  baxteri  plants  in  a 
glasshouse. Photo image taken by A. Li. 
 
4.2.8 DNA extraction from plant materials 
DNA was extracted from 1 g of each of the pooled P. cinnamomi colonised plant 
materials  (Table 4.1) recovered from  faecal  samples  as  described in  section  2.2.2. 
DNA from the roots harvested from the plant infection bioassay trial (section 4.2.7.3), 
was also extracted for analysis. The DNA from plant substrates M0, P0, R0, MC, PC and 
RC were also extracted for controls. The DNA isolates were stored at -20°C.  
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4.2.9 PCR and DNA sequencing 
Phytophthora isolates from P0, P1-3 and P4-7 subcultured twice from NARPH plates 
were  grown  on  half-strength  Potato  Dextrose  Agar,  PDA  (Becton  Dickinson  Co., 
19.5 g Potato Dextrose Agar, 7.5 g Difco Agar mixed with 1 L deionised water) plates 
at 20°C for 2 weeks. The mycelium was harvested by scraping it from the agar surface 
with  a  sterile  blade  and  placing  it  in  a  1.5  ml  sterile  Eppendorf  tube.  Harvested 
mycelium was frozen in liquid nitrogen, ground to a fine powder and genomic DNA 
extracted  according  to  Andjic  et  al.  (2007).  The  region  spanning  the  internal 
transcribed spacer ITS1-5.8S-ITS2 region of rDNA was amplified using primers ITS6 
(5' GAA GGT GAA GTC GTA ACA AGG 3') (Cooke et al., 2000) and ITS4 (5' TCC 
TCC GCT TAT TGA TAT GC 3') (White et al., 1990). The PCR reaction mixture, 
amplification conditions, clean up of products and sequencing were as described by 
Andjic et al. (2007). 
Polymerase  chain  reaction  (PCR)  products  were  sequenced  with  the  Big-Dye 
terminator cycle sequencing kit (PE Applied Biosystems, California, USA) using the 
same primers that were used in the initial amplification. The sequencing products were 
cleaned  using  Sephadex  G-50  columns  (Sigma  Aldrich,  Sweden)  according  to  the 
manufacturer's  instructions  and  were  separated  by  using  an  ABI3730  48  capillary 
sequencer  (Applied  Biosystems,  California,  USA).  Isolate  identification  was 
determined by sequence similarity comparison with Blast searches found in GenBank 
(http://blast.ncbi.nlm.nih.gov/Blast.cgi). 
4.2.10 DNA analysis with qPCR 
Quantitative  polymerase  chain  reaction  assay  (qPCR)  was  used  to  detect  the 
concentrations of P. cinnamomi DNA within the recovered plant materials (section 
4.2.6), and the roots from the plant infection bioassay trial (section 4.2.7.3). The qPCR  
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reaction mixture and amplification conditions are as described in section 2.2.6. The 
DNA concentrations was then analysed using  Biorad IQ (BioRad, Gladsville, New 
South Wales, Australia). Data were further subjected to One Way ANOVA analysis 
and means comparison to determine differences between substrate type across passage 
days using SPSS 19.0 (SPSS Inc 2004). 
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4.3 Results 
4.3.1 Passage rates of dye and plant materials 
Sudan III dye feeding showed that the initial passage time of pig feed through a pig‘s 
digestive tract is approximately 6 h, with total passage completed within 4 days (80–
96 h). Passage rates differed for each plant substrate (Figure 4.6), with the smaller 
sized B. leptophylla roots passaging over 3 days and the larger pine plugs taking up to 
7 days to passage. Millet seeds passaged over 5 days. 
 
 
 
Figure 4.6 Daily recovery of different ingested plant materials (g) within pig faeces 
over time (days). Millet (Panicum miliaceum) seeds (▲), pine (Pinus radiata) plugs 
(●), Banksia leptophylla roots (■). Bars represent standard error of mean across the 
samples of each individual plant material type on day of collection. 
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Consumption  and  digestion  rates  differed  for  each  substrate  based  on  palatability, 
maceration and digestion. Approximately one third (53.4 g ±1.2) of the infected pine 
plugs were consumed whilst all of the millet seeds and Banksia roots provided were 
eaten demonstrating that the millet seeds and Banksia roots were readily accepted by 
the pigs. Of the bolus consumed, the highest recovery of infected plant material was 
from  the  pine  plugs  (94.9%)  followed  by  millet  seeds  (33.2%)  and  Banksia  roots 
(10.4%) demonstrating that the millet seeds and Banksia roots were readily digested by 
the pigs.  
4.3.2 Viability of inoculated plant materials  
Viable P. cinnamomi was recovered from all three pigs and all plant substrate type. 
Plating  of  the  recovered  plant  materials  onto  the  Phytophthora  selective  media, 
NARPH plates, and baiting with lupin cotyledons showed that the pathogen was viable 
upon passage (Figure 4.7). All of the colonised materials M0, P0 and R0 were 100% 
viable prior to feeding.  No mycelium  production or infection was observed in  the 
negative controls MC, PC and RC.  
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Figure 4.7 Testing of the viability of Phytophthora cinnamomi in the recovered plant 
materials.  A,  Hyphal  growth  from  recovered  pine  plug  that  was  plated  on 
Phytophthora selective media. B, Hyphal growth from recovered Banksia leptophylla 
root plated on Phytophthora selective media. C, Baiting of recovered millet seeds with 
Lupinus angustifolius cotyledons floating on water surface. D, Hyphal growth from 
baited L. angustifolius on Phytophthora selective media. Bar represents 2 mm. Photo 
image taken by A. Li.  
 
Viability of P. cinnamomi was highest in P1-3 pine plugs (98.3%), followed by R1-3 
roots  (41.3%)  and  M1-3  millet  seeds  (25.5%),  as  shown  in  Table  4.2.  Viability  of 
P. cinnamomi within the recovered P4-7 pine plugs was observed to reduce over time 
with only 43.9% of these found to contain the pathogen. Baiting demonstrated that 
P. cinnamomi within the recovered plant material could produce zoospores and infect 
the lupin baits (Figure 4.7D) under laboratory conditions (Table 4.2).   
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Table 4.2 Viability of Phytophthora cinnamomi from the plant substrates recovered 
after passage through pig digestive tracts as assessed by direct plating onto NARPH 
agar plates and baiting with Lupinus angustifolius cotyledons. 
 
Sample  Plating 
(% viability)  Baiting 
M1-3  25.5%  (n=611)  Yes 
M4-5  36.6%  (n=164)  NA 
P1-3  98.3%  (n=60)  Yes 
P4-7  43.9%  (n=57)  Yes 
R1-3  41.3%  (n=80)  Yes 
Note: NA  -  insufficient material for testing. M 1-3: Pooled sample of mil let seeds 
collected from first 72 h after bolus feeding.   M4-5: Pooled sample of millet seeds 
collected after 72 h till last passage. P 1-3: Pooled sample of pine plugs collected from 
first 72 h after bolus feeding. P4-7: Pooled sample of pine plugs collected after 72 h till 
last passage. R1-3: Pooled sample of Banksia leptophylla roots collected. 
 
4.3.3 Plant infection bioassay trial 
Potted  Banksia  baxteri  plants  inoculated  with  P.  cinnamomi  within  passaged  pine 
plugs  recovered  from  all  of  the  pigs  showed  disease  symptoms  consistent  with 
infection by the pathogen 6 weeks post inoculation (Figure 4.8). Disease symptom 
development within the host plants was most severe in those inoculated with the unfed 
(P0) pine plugs, with 80% of the roots these plants becoming infected. Similarly, 74% 
of those roots inoculated with passaged materials recovered within 24 hours of feeding 
(P1) were infected with P. cinnamomi. The percentage of root infection resulting from 
exposure  to  passaged  materials  decreased  inversely  in  relation  with  the  time  of 
passage,  decreasing  to  35%  of  roots  infected  in  plants  inoculated  with  materials 
recovered 7 days post feeding. Lupin baiting demonstrated that B. baxteri roots grown 
in  container  substrate  inoculated  with  the  recovered  pine  plugs  could  produce 
zoospores  and  infect  available  plant  material  under  laboratory  conditions.  No 
P. cinnamomi was isolated from the plants inoculated with PC (negative control). 
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Figure  4.8  Banksia  baxteri  plants  showing  symptoms  of  Phytophthora  cinnamomi 
infection. Plant on the right shows a healthy B. baxteri that has not been infected. 
Photo image taken by A. Li. 
 
4.3.4 DNA Sequencing 
ITS1-5.8S-ITS2 sequences of isolates grown on NARPH plates from the recovered P1-3 
and P4-7 pine plugs were identified as P. cinnamomi with 100% homology to those 
isolated from P0 pine plugs and P. cinnamomi isolate MP94.48 (Appendix 3). The 
sequences have been submitted to GenBank (Accession no.: JX113294) and were also 
found to be 100% homologous to P. cinnamomi isolates in Genbank (Accession nos.: 
AY302153, AY 302180, AY842434, EU000160, FJ746645, FJ801817 and FJ801922).  
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4.3.5 DNA analysis with qPCR 
Phytophthora cinnamomi DNA was detected at decreasing concentrations from the 
recovered  colonised  plant  substrates  (millet  seed,  pine  plugs  and  roots)  following 
passage through the pig digestive tract as shown in Figure 4.9. DNA concentrations of 
P. cinnamomi in the ingested plant materials were seen to greatly reduce after three 
days  of passage  (Figure  4.9). The  B. baxteri root  isolates from  the plant infection 
bioassay trial were also confirmed to be infected with P. cinnamomi. No significant 
differences of P. cinnamomi DNA concentrations were noted when One Way ANOVA 
analyses were performed using substrate type (F (12,245)= 0.942; p= 0.506), and time 
(F (6,39)= 1.599; p= 0.174) as independent factor across all passage days and means 
comparison (source Eta
2= 0.044; time Eta
2= 0.197) (Appendix 4).  
 
Figure 4.9 Amount of Phytophthora cinnamomi DNA concentration (ng) detected by 
quantitative  PCR  assay  from  P.  cinnamomi  colonised  plant  substrates  passaged 
through pig digestive tract over time (days) compared to Day 0, the control unfed 
material.  Millet  (Panicum  miliaceum)  seeds  (▲),  pine  (Pinus  radiata)  plugs  (●), 
Banksia leptophylla roots (■). Bars represent standard errors of the mean across the 
samples of each individual plant material type on day of collection. No B. leptophylla 
was  available  for  the  4-7  day  sample  as  they  were  either  completely  digested  or 
passaged by the 4
th day of sampling.   
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4.4 Discussion 
This feeding trial demonstrated for the first time to our knowledge the potential for 
pigs to spread P. cinnamomi through the ingestion of infected plant material. Although 
P. cinnamomi  has  been  previously  shown  to  survive  digestion  in  birds  (Keast  and 
Walsh, 1979), the present study is the first to demonstrate a potential vector pathway 
of the pathogen via ingested plant material with a likely animal vector. Furthermore, 
this study highlights the potential compounding impact these two invasive species can 
have within an ecosystem where they have been introduced.  
Although  Kliejunas  and  Ko  (1976)  demonstrated  that  feral  pigs  could  transport 
P. cinnamomi  in  soil  lodged  on  their  hooves,  this  has  proven  to  be  difficult  to 
reproduce under study conditions in south-western Australia due to the majority of soil 
being  dislodged  prior  to  sampling.  Trapping  of  feral  pigs  in  this  region  is  most 
successful  in  summer  months  when  pigs  concentrate  within  water  catchments  (R. 
Staines, pers. comm.). Due to the high sand and gravel contents of soils lodged on the 
bodies/ hooves of feral pigs, material is readily dislodged when dry or via tree-rubbing 
activities.  
The present study has established an alternate mode by which feral pigs can transport 
plant pathogens such  as  P. cinnamomi as  demonstrated by its  survival  through the 
gastrointestinal tract. This poses a greater risk for dispersal as the plant pathogen can 
be kept viable and transported across greater distances over a period of up to 7 days 
following the consumption of a single infested bolus. Feral pigs in the northern jarrah 
(Eucalyptus marginata) forest are known to travel on average 2–3 km daily (P. Adams, 
pers. comm.), and the findings of this study highlights the implications that this has for 
the  potential  movement  of  P.  cinnamomi  from  infested  into  disease-free  native 
vegetation over large areas.   
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This is the first demonstration of the survival of P. cinnamomi within infected plant 
material following pig ingestion. While the previous study had used axenic cultures of 
P. cinnamomi  spores  in  attempting  to  demonstrate  survival  (Masters,  1979),  such 
inocula are less likely to be encountered in the pig‘s natural diet than infected root 
materials  given that pigs often forage for soil-borne root, tuber and fungal bodies. 
Individual spores are also labile to the hostile environment of the stomach making 
individual  spores  a  poor  demonstration  of  the  potential  risks  of  pathogen  spread 
through ingestion. The decrease in the viability of P. cinnamomi within the infected 
material over time can be interpreted as an indication that the conditions encountered 
during digestion have an effect on the survival of the pathogen. Re-isolation rates of 
P. cinnamomi from ingested plant material were significantly reduced after three days 
of  exposure  to  digestion  conditions.  Detection  of  P.  cinnamomi  via  qPCR  also 
highlighted a reduction in concentration of P. cinnamomi DNA detected as digestion 
time increased.  
Dietary  studies  have  previously  demonstrated  that  the  pig  digestive  tract  has  poor 
utilisation and digestion of both β-glucan and cellulose (Teague and Hanson, 1954; 
Knudsen  et  al.,  1993)  which  are  main  components  of  P.  cinnamomi  cell  walls 
(Zevenhuizen and Bartnicki-Garcia, 1969). This might have led to the survival of the 
pathogen through digestion as the pig digestive tract is unable to digest the cell wall of 
P. cinnamomi.  
The reduction in viability observed is however, likely due to the temperature, chemical 
or enzymatic activity within the pig digestive tract, as suggested by Masters (1979). 
The temperature of pig stomachs is typically around 39
oC (McCauley et al., 2005), a 
temperature  which  is  sustained  throughout  digestion  and  that  is  inhibitive  to 
P. cinnamomi growth (Gallo et al., 2007). The pH of pigs stomachs can be as low as  
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2.0 and stomach contents contain many enzymes which readily digest most organic 
substrates (Argenzio and Southworth, 1974; Manners, 1976). The cellulose matrix of 
the plant material is believed to have afforded protection against the core temperature, 
low  pH  and  digestive  enzymes  within  the  pig  stomach.  Consequently,  allowing 
P. cinnamomi within these ingested plant materials to remain viable, as demonstrated 
by the production of both mycelium and infective zoospores from each of the three 
plant substrates upon passage, and by the death of B. baxteri plants grown in container 
substrate colonised with the infected plant substrates recovered after passage through 
the pigs digestive tract.  
The  three  inoculated  plant  materials  used  in  this  study  were  selected  for  their 
susceptibility to P. cinnamomi and their varied digestive characteristics, as analogues 
of the type of materials that are likely to be encountered during the natural foraging of 
feral  pigs  within  native  ecosystems  (section  3.3.1).  Pine  plugs  were  used  to 
demonstrate  survival  in  coarse  woody  material,  millet  seed  as  a  highly  palatable 
medium and B. leptophylla as a demonstration of fine root material most likely to be 
consumed by feral pigs when digging for subterranean roots and tubers. Comparison 
between these demonstrated that the risk of feral pig-mediated spread of P. cinnamomi 
in ingested plant materials is dependent on the plant material in which the inoculum is 
present. Significant variation was observed in the reduction of inoculum concentration 
and  viability  from  each  of  the  inoculated  plant  materials  with  respect  to  their 
palatability and ease of digestion.  
Whilst pine plugs took the longest to totally passage through the pig digestive tract 
they were also the most intact upon passage and they had the highest recovery rate. 
The  plugs  fed  were  barely  broken  down  in  the  stomach,  retaining  their  structural 
integrity throughout passage, and demonstrated the highest rates of P. cinnamomi re- 
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isolation over time. This increased passage time poses a greater risk of P. cinnamomi 
being spread over longer distances in ecosystems around the world where both feral 
pigs and P. cinnamomi are both introduced and invasive species. In contrast, millet 
seed was readily digested and passaged much faster than pine, with re-isolation levels 
also decreasing significantly. Banksia leptophylla roots represented a realistic plant 
material that feral pigs would encounter in the natural forest. Roots were observed to 
be mostly digested and passaged fastest amongst the three substrates.  
Previous studies have demonstrated that a significant proportion (61–96%) of a feral 
pig‘s diet consists of organic plant material (Schley and Roper, 2003). Most notably, 
underground  roots  and  rhizomes  constitute  17–33%  of  the  feral  pig  diet  and  root 
materials are frequently found in stomachs of feral pigs (Masters, 1979; Thomson and 
Challies,  1988;  Schley  and  Roper,  2003;  Giménez-Anaya  et  al.,  2008).  Stomach 
contents analysis demonstrated this to be consistent within the jarrah forest of Western 
Australia  (section  3.3.1).  Furthermore,  feral  pigs  within  this  region  have  been 
observed  to  specifically  target  the  subsurface  structures  of  plants  known  to  be 
susceptible to P. cinnamomi including Macrozamia reidlei (Masters, 1979).  
Given  that  roots  and  underground  structures  are  primary  sites  for  P.  cinnamomi 
infection  and  colonisation  (Hardham,  2005;  Hardy  et  al.,  2007),  there  is  a  strong 
likelihood  of  the  pathogen  being  ingested  as  part  of  the  pig‘s  regular  diet.  In  the 
present study, 90% of the ingested root material was believed to be digested and only 
10% was passaged; however, 40% of this was found to contain viable P. cinnamomi 
indicating  4%  survival  through  passage.  While  this  is  a  significant  reduction  in 
inoculum  load  through  digestion,  transfer  of  passaged  material  into  the  soil 
surrounding susceptible host material was demonstrated to cause plant infection. In 
contrast  to  these  study  conditions,  the  diet  of  feral  pigs  means  that  they  have  the  
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potential to encounter P. cinnamomi infected plant materials as a part of their daily 
food intake, resulting in a sustained risk of pathogen dissemination. Consequently, 
serving as a long term vector for P. cinnamomi compared to the other dead-end and 
spillover host such as the susceptible and tolerant plant species which can decline in 
health following infection. However, the host plants can remain infected for months 
even years, while the pigs can only harbour the infective material in their digestive 
system for up to a week.  
This  study  demonstrates  the  inherent  compounding  impacts  of  these  two  invasive 
species  within  native  ecosystems,  both  in  Australia  and  throughout  the  temperate 
regions of the world where both feral pigs and P. cinnamomi occurs. As the plant 
infection bioassay trials demonstrated, P. cinnamomi infected plant material is able to 
survive digestion and infect healthy susceptible plants. This is a cause for concern as 
40% of the 5710 plant species found in the South-west Botanical Province of Western 
Australia are susceptible to P. cinnamomi infection (Shearer et al., 2004). These results 
also have direct implications for the impact of feral pigs throughout the world where 
P. cinnamomi and other soil-borne plant pathogens are impacting native ecosystems 
and/or cultivated tree crops.  
In  areas  where  both  species  are  well  established,  ongoing  transportation  of 
P. cinnamomi has the potential to introduce and spread locally selected genotypes of 
the  pathogen,  thus  increasing  the  rate  with  which  these  are  disseminated  and 
established  throughout  infested  and  disease-free  areas.  Furthermore,  this  study 
demonstrates the potential for feral pigs to have an active role in the spread of other 
invasive  species  including  Phytophthora  and  other  soil-borne  plant  pathogens  that 
infect and colonise plant roots. It is well documented that hybrid Phytophthora species 
can become important plant pathogens (Brasier, 2008). Additionally, Burgess et al.  
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(2010) discovered evidence of extensive and common hybridisation via both sexual 
and somatic hybridisation among Phytophthora isolates recovered from native forests, 
woodlands  and  waterways  in  Western  Australia.  Therefore,  feral  pigs  could  bring 
different Phytophthora species in contact with each other which in turn could result in 
viable pathogenic hybrid species being produced. Although this is more likely to occur 
in nursery situations where exotic Phytophthora species are brought together through 
poor phytosanitary hygiene such as plant nurseries. 
It remains unclear how the pathogen survives digestion, with no indication of whether 
or not spore structures are of any significance, or if it is simply the plant material 
which  is  offering  protection  from  digestion.  This  may  be  elucidated  with  further 
investigation  to  determine  how  the  pathogen  survives  in  plant  materials  (e.g.  as 
mycelium,  chlamydospores,  hyphal  swellings  or  oospores),  especially  in  naturally 
infected  materials  such  as  the  B. leptophylla  roots.  Considering  the  ongoing 
persistence of both P. cinnamomi and feral pigs within ecosystems once introduced, 
this  study  demonstrates  that  feral  pigs  pose  a  potential  threat  for  dispersal  of  this 
pathogen. There is therefore a need to consider and apply stringent feral pig control 
within disease management programs. 
 
    
114 
 
  
115 
 
CHAPTER 5 
Fluorescent in situ hybridization (FISH) assay to 
microscopically view Phytophthora cinnamomi 
growth in planta: a new tool for in situ studies of 
oomycete plant pathogens. 
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5.1 Introduction 
Studies of plant-pathogen interactions in planta are often inhibited by the inability to 
specifically identify individual microbial cells within the plant cellular matrix. Given 
the  diversity  of  symbiotic,  endophytic,  saprophytic  and  competing  pathogenic 
microbes within plant systems, the inability to positively  identify each species has 
limited their study microscopically. This is especially true within naturally infected 
plant tissues. With the advent of molecular techniques species-specific identification is 
now possible, in particular with the application of fluorescent in situ hybridization 
(FISH). This assay has previously been demonstrated to be a valuable tool for the 
detection of bacteria in a range of samples (Amann et al., 1995). For example, FISH 
has  been  successfully  applied  to  the  detection  of  the  plant  pathogen  Ralstonia 
(Pseudomonas) solanacearum within potato tissue samples (Wullings et al., 1998). 
However,  FISH  has  not  yet  been  applied  to  the  detection  of  the  destructive  plant 
pathogen Phytophthora cinnamomi.  
Phytophthora  cinnamomi  is  known  to  cause  root  rot  (―dieback‖)  in  over  3000 
susceptible  plant  species  worldwide,  including  many  agricultural,  ornamental  and 
forest species (Erwin and Ribeiro, 1996; Hardham, 2005). The pathogen is a soil-borne 
oomycete or ―water mould‖ that infects its hosts primarily via motile zoospores that 
are attracted to roots (Hardy et al., 2001; Hardy et al., 2007). Phytophthora cinnamomi 
kills plants by destroying the root system and lower stem tissues, restricting the plant‘s 
ability to acquire water and nutrients from the soil (D'Souza et al., 2005; Hardy et al., 
2007).  Further  investigation  of  the  mechanisms  of  P.  cinnamomi  establishment, 
development and infection within plant cells requires accurate methods with which to 
differentiate between the pathogen and surrounding host tissues.   
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Isolation  and  detection  techniques  currently  available  for  P.  cinnamomi,  both 
traditional and DNA based, fail to allow the visualisation of the pathogen within the 
surveyed material itself (Greenhalgh, 1978; Eden et al., 2000; Hüberli et al., 2000; 
Duncan  and  Cooke,  2002).  Furthermore,  there  are  often  difficulties  in  visualising 
hyphae and propagules such as oospores and chlamydospores within plant material, 
and when they are present it is difficult to determine whether the structures observed 
belong  to  P.  cinnamomi,  other  Phytophthora  species  or  other  oomycetes  such  as 
Pythium species. Frequently, it is also difficult to locate hyphae and other structures of 
P. cinnamomi within dark and coarser woody plant tissues using clearing and staining 
techniques (Shea et al., 1980; Old et al., 1984; Schild, 1995).  
This  lack  of  confidence  in  confirming  the  presence  of  P.  cinnamomi  in  naturally 
infected plant tissues has hampered the understanding of the biology and ecology of 
the pathogen in resistant/tolerant and susceptible plant species. Consequently there is a 
clear need for a detection technique that is species specific and allows for the in situ 
visualisation of P. cinnamomi within naturally infected plant materials. The objective 
of  this  study  was  to  develop  a  FISH  assay  for  the  fast  and  reliable  detection  of 
P. cinnamomi as well as a confirmatory tool for microscopic studies of P. cinnamomi 
within plant tissues. 
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5.2 Materials and methods 
5.2.1 Design of fluorescent in situ hybridization probe 
The  ITS  (internal-transcribed spacer) region of  P. cinnamomi  was selected for the 
target site of the probe as it showed low intra-species variation and was found to be 
variable  against  other  Phytophthora  species  (Lee  and  Taylor,  1992).  The  probe 
selected for this study of plant-pathogen interaction was adapted from a P. cinnamomi 
specific probe (Cin5b) reported by Anderson et al. (2006). Mismatch of at least one 
nucleotide from a probe to other sequences was demonstrated to infer specificity (Li et 
al., 1996) and was applied in designing the probe for this study. The probe used in this 
study, Alcin5F, has a length of 21 oligonucleotides with the corresponding sequence 
5‘ CTC TCT TTT AAA CCC ATT CTG 3‘ and a 38.1% GC ratio, with a melting 
temperature of 48.8˚C for the probe-target duplex. The sequence was checked using 
the N-BLAST program (PubMed) to assess specificity. Auto-fluorescence produced 
from plant material was found to be minimal in the ultraviolet range (330–385 nm) 
hence, a probe was commercially synthesized and was labeled with AlexaFluor350 dye 
at the 5' end which excites at 350 nm and emits at 442 nm (BioSynthesis, Texas, 
USA). 
5.2.2 Specificity of the probe 
Thirty-seven  isolates  of  Phytophthora  (n=29),  Pythium  (n=2)  and  enteric  bacterial 
(n=6) species were sourced from the Vegetation Health Service (VHS, Department of 
Environment  and  Conservation,  Western  Australia),  the  Centre  for  Phytophthora 
Science and Management (CPSM, Murdoch University, Western Australia) and from 
the  isolate  collection  held  at  the  Veterinary  Clinical  Pathology  (VCP)  at  Murdoch 
University,  Western  Australia  (Table  5.1).  These  isolates  were  used  to  test  the 
specificity of the probe.  
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Table 5.1  Phytophthora, Pythium and bacterial isolates used for confirming the probe 
specificity. 
 
Genera  Species  Isolate no.  Source  Location of origin 
GenBank 
Accession 
No. 
Phytophthora  P. arenaria  PAB11-12  CPSM-MU  Corymbia ficifolia, Attadale, WA  JX113289 
P. bilorbang  CBS161653  CPSM-MU  Rubus anglocandicans, Manjimup, WA  JQ256377 
P. elongata 
P. elongata 
P. elongata 
VHS2952 
VHS13558 
VHS13584 
CPSM-MU 
DEC-VHS 
DEC-VHS 
Soil, Nannup, WA  
Eucalyptus marginata, Chipala, WA 
E. marginata, Carder, WA 
– 
JX113301 
JX113300 
P. cambivora 
P. cambivora 
P. cambivora 
DCE5 
DCE31 
DCE531 
DEC-VHS 
DEC-VHS 
DEC-VHS 
–  JX113292 
Malus domesticus, Adelaide Hills, SA 
Prunus sp., Michigan, USA 
JX113293 
JX113291 
P. cinnamomi 
P. cinnamomi 
P. cinnamomi 
P. cinnamomi 
P. cinnamomi 
P. cinnamomi 
MP94-48 
MP128 
VHS15773 
VHS16441 
VHS16740 
VHS16779 
CPSM-MU 
CPSM-MU 
DEC-VHS 
DEC-VHS 
DEC-VHS 
DEC-VHS 
E. marginanta Willowdale, WA 
Xanthorrhoea preissii Jarrahdale, WA 
Fitzgerald River National Park, WA 
Banksia cuneata, Narrogin, WA 
Banksia violacea, Fitzgerald River N.P., WA 
Adenanthos barbiger, North Dandalup, WA 
JX113294 
– 
JX113295 
JX113298 
JX113296 
JX113297 
P. constricta  CBS125801  DEC-VHS  Fitzgerald River National Park, WA  HQ013225 
P. crytogea 
P. crytogea 
MU25 
MU28 
CPSM-MU 
CPSM-MU 
P. radiata Jarrahwood Plantation, WA 
Soil, South Coast, WA 
– 
– 
P. gibbosa  CBS127951  DEC-VHS  Acacia pycnantha, Scott River, WA  HQ012933 
P. inundata 
P. inundata 
PAB11-02b 
VHS25710 
CPSM-MU 
DEC-VHS 
Casuarina obesa, Shenton Park, WA 
Xanthorrhoea platyphylla, Collets Road, WA 
JX113302 
JX113303 
P. litoralis  PAB11-02a  CPSM-MU  Casuarina obesa, Shenton Park, WA  JX113304 
P. multivora 
P. multivora 
MJS 
VHS14926 
CPSM-MU 
DEC-VHS 
Pinus radiata Baudin Plantation, WA 
E. marginata, Carder, WA 
– 
JX113306 
P. niederhauserii  VHS17577  DEC-VHS  Banksia prionotes, Lancelin, WA  JX113307 
P. nicotianae 
P. nicotianae 
MP5 
MU7 
CPSM-MU 
CPSM-MU 
– 
– 
– 
– 
P. palmivora  MU128  CPSM-MU  –  – 
P. taxon humicola  VHS25241  DEC-VHS  Casuarina obesa, Alfred cove, WA  JX113290 
P. thermophila  CBS127954  DEC-VHS  E. marginata, Dwellingup, WA  EU301155 
Pythium  Pythium spp.  MU142  CPSM-MU  –  – 
Pythium 
irregularis  WAC7678  CPSM-MU  Department of Agriculture WA  – 
Bacteria  Escherichia coli.  –  VCP-MU  –  – 
Enterococcus 
spp.  –  VCP-MU  –  – 
Proteus mirabilis  –  VCP-MU  –  – 
Pseudomonas 
aeruginosa  –  VCP-MU  –  – 
Serratia 
marcescens  –  VCP-MU  –  – 
Staphylococcus 
aureus  –  VCP-MU  –  – 
Note: ―–‖ means data unavailable. VHS-DEC, Vegetation Health Service-Department 
of Environment and Conservation. CPSM-MU, Centre for Phytophthora Science and 
Management-Murdoch University. VCP-MU, Veterinary Clinical Pathology laboratory-
Murdoch University. 
 
Within these 29 Phytophthora isolates, 16 Phytophthora species from seven different 
Phytophthora clades (see Brasier, 2009), and all isolates from each of these species 
have been recovered from dead and dying plants in Western Australia. These included 
species (P. cambivora and P. niederhauserii) belonging to clade 7 (see Brasier, 2009)  
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that have close phylogenetic affinity to P. cinnamomi within the ITS1 region and these 
isolates were chosen to test the specificity of the probe. 
Fresh cultures of the Phytophthora and Pythium species were regenerated from long-
term water storage by plating a single agar plug from water cultures onto corn meal 
agar  (CMA)  plates  and  incubating  at  26°C  for  3  days  in  the  dark.  Sterile,  high 
humidity culture chambers were prepared by moistening filter paper discs within 9 cm 
diameter Petri-dishes. Two matchsticks were then placed on top of the filter paper to 
hold a microscope slide containing the culture slightly off the surface. Phytophthora 
and Pythium isolates grown on CMA plates were aseptically cut into 1 cm x 1 cm 
plugs and mounted face down onto sterile microscope slides. Cultures were incubated 
at 20°C for 3–5 days in the culture chambers to allow growth onto the slide. Bacteria 
species  were  mounted  as  dry  cell  smears  on  microscope  slides  and  heat  fixed  by 
passing the slides briefly over a flame. The FISH assay was then applied as described 
in section 5.2.4. 
5.2.3 Overcoming auto-fluorescence from plant tissues 
Following the success of probe specificity to P. cinnamomi, the application of the 
FISH assay to plant tissues encountered severe problems with auto-fluorescence from 
plant cells when excited under ultraviolet excitation. The auto-fluorescence produced 
from plant cells which interfered with the probe fluorescence was overcome after trials 
with three treatments that had been previously reported to quench the plant cell auto-
fluorescence under ultraviolet excitation (Sakai, 1973; Malajczuk et al., 1975; Biggs, 
1985; Shumway et al., 1988; Holland et al., 1996).  
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5.2.3.1 Sodium hydroxide treatment 
Shumway et al. (1988) reported that auto-fluorescence from plant tissue was abolished 
after treatment with a weak solution of sodium hydroxide. In this study, treatments 
with  0.001%,  0.01%,  0.1%  and  1.0%  sodium  hydroxide  solutions  were  applied  to 
uninfected lupin (Lupinus angustifolius L., cv. Mandelup) roots for 4 hours. The roots 
were then examined  under an  epifluorescence  microscope  BX51 (Olympus, Japan) 
with ultraviolet excitation (330–385 nm).  
5.2.3.2 Evans blue treatment 
Suppression of tissue auto-fluorescence with Evans blue treatment was reported to be 
successful in soil and plant tissue (Malajczuk et al., 1975) as well as animal tissue 
(Holland et al., 1996). Uninfected lupin and Trachymene pilosa roots were treated with 
0.01%, 0.1%, 0.5% and 1.0% Evans blue solutions for 5 min each. The roots were then 
examined  under  the  epifluorescence  microscope  BX51  with  ultraviolet  excitation 
(330–385 nm).  
5.2.3.3 Toluidine blue treatment 
Toluidine  blue  has  been  reported  to  be  effective  in  quenching  plant  tissue  auto-
fluorescence (Sakai, 1973; Biggs, 1985) and was used in this study. Treatments with 
0.01%, 0.1%, 0.5% and 1.0% toluidine blue solutions were applied to uninfected lupin 
and T. pilosa roots for 5 min each. The roots were then examined under ultraviolet 
excitation (330–385 nm) with the BX51 epifluorescence microscope. 
5.2.4 Fluorescent in situ hybridization (FISH) assay methodology 
Fluorescent in situ hybridization was performed based on the protocols described by 
Vandersea  et  al.  (2006)  with  some  modifications.  Briefly,  the  growth  of  the  
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Phytophthora and Pythium species was examined under a light compound Olympus 
CHS microscope (Olympus, Japan) and the agar plugs were carefully removed from 
the microscope slides leaving the hyphae on the slides. Hyphae were heat fixed onto 
the slide by placing the slide on a 50°C hotplate for 15 s and Frame-seal© (BioRad, 
Gladsville, New South Wales, Australia) was placed onto the slide around the hyphae 
growth area to create a bund on the slide in which successive fixative, hybridization 
and staining reactions could be performed. The hyphae cells were fixed with 120 µl of 
cold (4°C) fixative buffer (44 ml of 95% ethanol, 10 ml of deionized H2O, and 6 ml of 
25x SET buffer [3.75 M NaCl, 25 mM EDTA, 0.5 M Tris HCl pH 7.8]) added to each 
bund  and  left  to  incubate  at  4°C  for  40  min.  Fixative  buffer  was  drawn  off  with 
Whatman No 1 filter paper (Whatman Ltd, Rydalmere, New South Wales, Australia) 
and rinsed carefully with PBS (800 ml distilled water, 8 g of NaCl, 0.2 g of KCl, 
1.44 g of Na2HPO4 and 0.24 g of KH2PO4 [pH 7.4]). Slides were placed on a heating 
block at 50°C for 5 min to dry. The slides were gradually dehydrated with ethanol by 
dipping in 50% ethanol solution for 90 s. This process was subsequently repeated with 
80% and 96% ethanol solutions for 90 s each and slides were left to air-dry.  
The hybridization procedure was performed on the air-dried slides in a darkened room. 
A hybridization mix was prepared by mixing 2 µl of probe (20 µM) to 125 µl of 
preheated 50°C hybridization buffer (5x SET buffer, 0.1% [v/v] Igepal-CA630 [Sigma, 
Castle Hill, NSW, Australia] and 25 µg/ml polyA potassium salt [Sigma, Castle Hill, 
NSW, Australia]). This hybridization mix was then added to the air-dried slides. Slides 
were  incubated  with  the  hybridization  mix  at  50°C  for  1.5  h  in  the  dark.  The 
hybridization mix was then removed and 120 µl of 50°C preheated SET buffer was 
added. The slides were incubated with SET buffer at 50°C for 15 min in the dark. The 
SET buffer was drained off and incubation with preheated SET buffer was repeated. 
The  SET  buffer  was  drained  off  and  the  slides  were  air-dried.  To  reduce  auto- 
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fluorescence, 0.5 ml of 1% toluidine blue was added to the samples for 1 min and then 
rinsed in PBS until the solution ran clear. The Frame-seal© was removed and a 32 mm 
coverslip  was  placed  onto  the  slide  with  a  drop  of  ProLong®  Gold  Anti-fade 
(Invitrogen,  Mulgrave,  Victoria,  Australia).  Slides  were  then  stored  in  the  dark  at 
ambient temperature until viewed. 
5.2.5 Plant materials recovered from the feeding trial  
The millet (Panicum miliaceum) seeds and pine (Pinus radiata) plugs recovered from 
the feeding trial (section 4.2.5) were also assayed to better understand the survival of 
P.  cinnamomi  in  plant  material  that  passaged  through  the  pig  digestive  tract. 
Banksia leptophylla roots were not analysed due to insufficient material recovered.  
The recovered plant materials were sectioned to facilitate microscopic viewing of the 
pathogen inside the plant structures. To obtain sections of the recovered millet seeds 
and pine plugs, the plant tissues were embedded in paraffin wax as freeze-sectioning 
resulted in problems with tissue adhering to the slides (Malajczuk et al., 1975), while 
there was good success with paraffin embedded plant material (Sakai, 1973). Briefly, 
the  recovered  plant  materials  were  placed  in  formalin-acetic  acid-alcohol,  FAA 
solution overnight to fix the cells. The recovered plant materials were then embedded 
in paraffin wax (melting point 58°C) using a Leica TP1020 automatic tissue processing 
machine (Leica Microsystems, North Ryde, Australia) with a series of ethanol and 
chloroform  treatments.  Briefly,  the  samples  were  placed  in  embedding  molds  and 
soaked in 50% ethanol for 1 h, followed by soaking in 70% ethanol for 4 h, 90% 
ethanol for 3 h and 100% ethanol for 3 h in a dehydration phase. This was followed by 
chloroform  treatments  to  remove  any  residual  ethanol  by  soaking  in  an 
ethanol/chloroform (50% ethanol, 50% chloroform volume for volume) mixture for 1 h  
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followed by 100% chloroform for 6 h. Subsequently, the samples were infiltrated with 
wax by immersing in paraffin wax for 6 h.  
The  wax  embedded plant materials  were placed  at  -20°C overnight  and  were then 
removed from the embedding molds. The wax blocks were sectioned using a Leica 
RM2235 rotary microtome machine (Leica Microsystems, North Ryde, Australia) to 
produce 20 µm sections and placed into a 55°C waterbath to float on the water surface, 
stretching the wax sections to a flat state. The flat sections were gently picked up with 
a  fine  paintbrush  and  mounted  onto  gelatin-treated  (0.625  g  gelatin,  0.0625  g 
CrK(SO4)2·12(H2O) dissolved in 125 ml distilled water) glass microscope slides. The 
slides were then put through a series of xylene and ethanol treatments to remove the 
paraffin wax from the sections. Briefly, the slides were immersed in 100% xylene for 
3 min in a fume cupboard. This step was repeated and followed by immersing in 100% 
ethanol for 3 min. The slides were then immersed in 100% ethanol for 3 min again to 
remove any residual xylene. The slides were then left in 70% ethanol for 3 min and a 
final hydration phase with distilled water for 2 min. The sections on gelatin treated 
slides were then assayed with FISH as described in section 5.2.4. 
5.2.6 In vitro infection of plant material 
5.2.6.1 Apple tissue 
Pink  Lady  apple  tissues, commonly used as  host  for  P. cinnamomi (Mbaka  et  al., 
2009), were also found to present limited plant auto-fluorescence. The apples were 
cored to a depth of 1.5 cm and a five day-old P. cinnamomi plug (isolate MP94.48), 
grown  on  half-strength  Potato  Dextose  Agar,  PDA  (Becton  Dickinson  Co.,  19.5  g 
Potato Dextrose Agar, 7.5 g Difco Agar mixed with 1 L deionised water), was placed 
into the core and covered in a paper towel moistened with 70% ethanol. The inoculated 
apples were incubated at 20°C for 4 days in the dark for lesions to develop. Tissue  
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sections of approximately 1 mm thickness were sliced free hand from the infected 
region of the apple using a sterile scalpel blade. The sections were viewed at 100–200x 
magnification  under  the  Olympus  CHS  compound  microscope  to  confirm 
P. cinnamomi infection. The apple sections were then assayed with FISH as described 
below (section 5.2.8). Non-infected apple sections were also assayed accordingly as 
negative controls.  
5.2.6.2 Root tissues 
Three day-old T. pilosa and lupin cotyledons had their tap roots submerged in 800 ml 
distilled water and 50 ml soil extract. The non-sterile soil extract was obtained by 
flooding 100 g of commercial composted potting mix (Coles® Reliance Potting Mix) 
with 1 L distilled water. After gentle shaking at 150 rpm for 3 h on an orbital shaker, 
the liquid was extracted via filtration through Whatman No 1 filter paper. Inoculation 
was set up with 3 day-old cultures of P. cinnamomi isolate MP94.48 grown on V8 agar 
plugs as described by Miller (1955). Five agar plugs were aseptically cut and placed 
into  the  distilled  water  which  contained  soil  extract.  The  roots  were  left  to  allow 
infection to establish for 5 days at 21°C. Infected roots of T. pilosa and lupin were 
viewed under the Olympus CHS compound microscope at 100–200x magnification for 
hyphal  presence. Sections  of roots that had  P. cinnamomi  growth  were aseptically 
removed,  squashed  between  two  microscope  slides  and  assayed  with  FISH  as 
described below (section 5.2.8). Roots of both species that were not infected were also 
assayed in parallel as negative controls.  
5.2.7 Analysis of naturally infected plant materials 
Roots  of  Chamaescilla  corymbosa,  Paracaleana  nigrita,  Stylidium  diuroides  and 
T. pilosa suspected to be infected with P. cinnamomi were collected from jarrah forest  
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(Eucalyptus  marginata)  sites  highly  impacted  with  P. cinnamomi  at  Willowdale 
(116.03°E, 32.50°S), Western Australia, during months of July, August and September 
2011. The roots were placed onto NARPH plates as described by Hüberli et al. (2000) 
to confirm infection and colonisation prior to FISH assay. However, due to restriction 
on the use of Terraclor (PCNB), as of 12 April 2010, by the Australian Pesticides and 
Veterinary Medicines Authority because of its toxic properties, it was excluded from 
the media plate. The NARH plates were incubated for 3 days at 22°C in the dark. The 
plates were then viewed using the 100x objective of the Olympus CHS compound 
microscope  to  detect  for  the  growth  of  P. cinnamomi.  Root  regions  that  showed 
hyphae  characteristic  of  P. cinnamomi  were  then  aseptically  removed  and  assayed 
using FISH, as described below (section 5.2.8).  
5.2.8 Fluorescent in situ hybridization (FISH) assay for plant materials 
Each plant tissue was placed in a sterile 32 mm diameter Petri-dish and 1 ml of fixative 
buffer with 3% polyoxyethylenesorbitan monolaurate (Tween 20) chilled to 4°C was 
added and the sections were left to incubate at 4°C for 1 h. The fixative buffer was 
drained with filter paper and PBS was used to wash off any remaining buffer. Petri-
dishes were placed onto a 50°C heating block for 5 min. The tissue samples were then 
gradually dehydrated with a series of ethanol washes. One milliliter of 50% ethanol 
was added and removed after 2 min. This process was repeated with 80% and 96% 
ethanol  solutions  for  2  min  each  and  left  to  air-dry.  A  hybridization  mixture  was 
prepared with 20 µl of probe (20 µM) to 1.25 ml of preheated 50°C hybridization 
buffer. This hybridization mix was then applied to the air-dried tissue samples and 
incubated at 50°C for 1.5 h in the dark. The hybridization mix was removed and 1 ml 
of preheated 50°C SET buffer added. The tissue samples were incubated with SET 
buffer  at  50°C  for  15  min  in  the  dark.  The  SET  buffer  was  drained  and  repeat  
127 
 
incubation  with  preheated  SET  buffer  was  performed  before  being  drained  and 
sections were left to air dry.  
5.2.9 Mounting of plant material onto slides 
Successful quenching of plant tissue auto-fluorescence with toluidine blue has been 
reported in other studies (Sakai, 1973; Biggs, 1985). To reduce auto-fluorescence from 
the plant materials, 0.5–1.5 ml of 1% toluidine blue was added to the tissue samples 
depending on sample size. The tissue samples were stained with toluidine blue for 1–5 
min and then rinsed in PBS until the solution ran clear. Tissue samples were dried on 
filter paper and mounted onto microscope slides. A cover slip was placed onto the 
slide with a drop of ProLong® Gold Anti-fade (Invitrogen). Slides were stored in the 
dark at ambient temperature until they were viewed. 
5.2.10 Microscopy and image acquisition 
Hybridized microscope slides were viewed under an epifluorescence microscope BX51 
with  ultraviolet  excitation  (330–385  nm)  with  an  emission  filter  at  420  nm  under 
which Alexafluor350 dye appears bright blue. The cellular morphology of both plant 
and P. cinnamomi cells were assessed using the bright field exposure prior to viewing 
under fluorescent excitation at 200–400x magnification. Images were acquired with a 
DP70 digital camera (Olympus, Japan) and its associated software, DP Controller and 
DP Manager. 
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5.3 Results 
5.3.1 Specificity of probes 
The probe was found to hybridize with P. cinnamomi and no cross hybridization of the 
probe was observed with any of the other Phytophthora, Pythium or bacterial species 
tested.  Closely  related  clade  7  Phytophthora  species  such  as  P.  cambivora  and 
P. niederhauserii showed no hybridization with the probe as no probe fluorescence 
was observed in the nuclei (Figure 5.1B, H). No fluorescence of nuclei was observed 
for  the  non  P.  cinnamomi  isolates  tested  even  with  high  exposure  of  ultraviolet 
excitation which  gives  a blue background (Figure  5.1B,  D,  F  and H). Under high 
intensity exposure to ultraviolet light, a faint auto-fluorescence from P. niederhauserii 
hyphae was observed (Figure 5.1H). 
The specificity of the probe was confirmed for P. cinnamomi isolates with the nuclei of 
P. cinnamomi cells observed to fluoresce following in situ hybridization (Figure 5.1J, 
L, N and P). This fluorescence of nuclei within the chlamydospores and hyphae was 
clearly  distinct  from  the  dark  background  as  checked  under  bright  field  exposure 
(Figure 5.1I, K, M and O).  
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Figure 5.1 Micrographs of Phytophthora species stained with 1% toluidine blue and 
tested for probe specificity.  Light  micrographs (A, C, E,  G, I,  K,  M and O) and 
ultraviolet micrographs (B, D, F, H, J, L, N and P) are based on FISH assays with 
AlexaFluor350-labelled, Phytophthora cinnamomi-specific (Alcin5F) probe. A and B, 
P.  cambivora  isolate  DCE31.  C  and  D,  P.  elongata  isolate  VHS13784.  E  and  F, 
P. multivora isolate VHS14926. G and H, P. niederhauserii isolate VHS17577. I and 
J, P. cinnamomi isolate VHS15773. K and L, P. cinnamomi isolate VHS16740. M and 
N, P. cinnamomi isolate VHS16441. O and P, P. cinnamomi isolate VHS16779. Bar 
represents 50 µm. 
 
5.3.2 Treatments to overcome auto-fluorescence from plant tissues 
5.3.2.1 Sodium hydroxide treatment 
Treatments with sodium hydroxide solutions to the non-infected lupin roots failed to 
quench any auto-fluorescence produced from the plant tissues.   
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5.3.2.2 Evans blue treatment 
Similarly, non-infected lupin and T. pilosa treated with 0.01% Evans blue solution also 
failed  to  sufficiently  quench  the  plant  tissue  auto-fluorescence  (Figure  5.2A). 
Treatments  with  0.1%,  0.5%  and  1%  Evans  blue  solutions  showed  inadequate 
quenching of the auto-fluorescence (Figure 5.2B, C, D and E). A red fluorescence was 
observed when higher concentrations of treatment, 0.5% and 1% Evans blue solutions 
were used (Figure 5.2C, D, E and F). 
 
 
Figure 5.2 Ultraviolet micrographs of non-infected Trachymene pilosa root (A, B, C 
and D) and Lupinus angustifolius root (E and F) treated with Evans blue solution. A, 
treatment  with  0.01%  Evans  blue  solution.  B,  treatment  with  0.1%  Evans  blue 
solution. C and E, treatment with 0.5% Evans blue solution. D and F, treatment with 
1% Evans blue solution.  
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5.3.2.3 Toluidine blue treatment 
Non-infected lupin and T. pilosa roots treated with toluidine blue showed little or no 
fluorescence with ultraviolet excitation and 1% toluidine blue solution was found to 
give the best quenching results. Non-infected plant materials that were assayed with 
FISH and treated with 1% toluidine blue solution also showed no fluorescence (Figure 
5.3B and D), confirming the probe specificity to P. cinnamomi as there was no cross 
hybridization between probe and the uninfected plant cells. 
 
 
 
Figure  5.3  Micrographs  of  non-infected  Trachymene  pilosa  root  (A  and  B)  and 
Lupinus augustifolius root (C and D) assayed with FISH and AlexaFluor350-labelled, 
Phytophthora cinnamomi-specific (Alcin5F) probe further stained with 1% toluidine 
blue. Light micrographs (A and C) and ultraviolet micrographs (B and D). 
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5.3.3 Fluorescent in situ hybridization (FISH) assay on plant materials 
5.3.3.1 Plant materials recovered from feeding trial 
Plant  materials  that  were  recovered  from  the  feeding  trial  and  assayed  with  FISH 
showed that the probe hybridized with P. cinnamomi structures within the plant tissue 
sections resulting in a blue fluorescence concentrated within the P. cinnamomi nuclei 
under ultraviolet excitation (Figure 5.4). Structures of P. cinnamomi were found to be 
located intracellularly within the epidermal layer of millet seeds (Figure 5.4A and B), 
and within intercellular spaces of the axial rays of pine (Figure 5.4C and D). Adequate 
quenching  of  the  plant  auto-fluorescence  with  1%  toluidine  blue  aided  in 
distinguishing the blue fluorescence from any background fluorescence.  
 
 
 
Figure 5.4 Micrographs of Phytophthora cinnamomi hyphae in the epidermal layer of 
a  millet  (Panicum  miliaceum)  seed  section  (A  and  B)  and  P.  cinnamomi 
chlamydospore in the axial ray of a pine (Pinus radiata) plug section (C and D). The 
sections were assayed with FISH and AlexaFluor350-labelled P. cinnamomi-specific 
(Alcin5F) probe and further stained with 1% toluidine blue. Light micrographs (A and 
C) and ultraviolet micrographs (B and D). Bar represents 50 µm.   
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5.3.3.2 In vitro infected plant materials 
When in vitro infected plant material was assayed, P. cinnamomi mycelium present in 
the plant tissue hybridized with the probe and formed bright blue fluorescence under 
ultraviolet excitation (Figure 5.5B, D, F, H and J). The blue fluorescence was observed 
to  be  concentrated  within  the  P.  cinnamomi  nuclei  present  both  within  plant  cells 
(intracellular) and intercellularly (Figure 5.5). The probe was able to penetrate through 
the  fixed  plant  cell  wall  structure  and  hybridize  with  embedded  mycelium.  With 
adequate quenching of the plant auto-fluorescence, the probe‘s fluorescence is readily 
distinguished from any background fluorescence. 
5.3.3.3 Naturally infected plant materials 
Naturally  infected  field  samples  that  were  assayed  with  FISH  showed  bright  blue 
fluorescence demonstrating the presence of P. cinnamomi and distinguishing it from 
other endophytic fungal species present (Figure 5.5L, M, P, R and T). Oospores of 
Pythium species exhibited a uniform faint blue auto-fluorescence but can be readily 
identified with its ―spiky‖ cell wall appearance (Figure 5.5Q and R). Fluorescence of 
P. cinnamomi nuclei could also be detected in woody root material of S. diuroides 
when plant cells and hyphal structures were not seen under light magnification (Figure 
5.5S and T).   
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Figure 5.5 Micrographs of P. cinnamomi in plant tissue from in vitro inoculation and 
field  samples  based  on  FISH  assays  with  AlexaFluor350-labelled,  P.  cinnamomi-
specific (Alcin5F) probe and stained with 1% toluidine blue. Light micrographs (A, C, 
E, G and I) and ultraviolet micrographs (B, D, F, H and J) of in vitro inoculation; light 
micrographs (K, M, O, Q and S) and ultraviolet micrographs (L, N, P, R and T) of 
field  samples.  A,  B,  C  and  D,  P.  cinnamomi  hyphae  in  apple  tissue.  E  and  F, 
P. cinnamomi  hyphae  in  Lupinus  angustifolius  root.  G,  H,  I  and  J,  P.  cinnamomi 
chlamydospores in Trachymene pilosa root. K and L, P. cinnamomi chlamydospores 
in Paracaleana nigrita root. M and N, P. cinnamomi chlamydospore and hyphae in 
T. pilosa root. O and P, P. cinnamomi hyphae and chlamydospore in Chamaescilla 
corymbosa root. Q, R, S and T, P. cinnamomi hyphae and chlamydospore in Stylidium 
diuroides root. Arrowhead ―Ch‖ indicates  P. cinnamomi chlamydospores  and ―Py‖ 
indicates oospores of Pythium species. Bar represents 50 mm.    
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5.4 Discussion 
The assay  described  allows the detection  of  P. cinnamomi life stages  within  plant 
material. The species-specific probe enables P. cinnamomi to be readily distinguished 
from  plant  cells  and  other  fungal,  bacterial  or  oomycete  cells  and  provides  direct 
visualisation of the pathogen growing within plant tissue. Importantly, the application 
of  FISH  on  naturally  infected  field  samples  demonstrated  the  ability  to  identify 
different P. cinnamomi structures such as hyphae and chlamydospores in plant roots 
containing  structurally  analogous  hyphal  and  spore  structures  of  other  fungi  or 
oomycetes.  Results  from  the  screening  of  other  oomycete  and  bacterial  species 
confirmed  that  the  probe  does  not  hybridize  to  other  species  of  Phytophthora  and 
Pythium,  or  to  common  enteric  bacterial  genera.  This  species-specificity  could  be 
further  utilised  by  designing  probes  for  additional  species  to  allow  P.  cinnamomi 
growth to be assessed in the presence of competitive pathogens or other endophytic 
microorganisms.  
Inoculation  trials  utilised  in  this  study  have  demonstrated  the  application  of  FISH 
within  a  range  of  plant  tissues  in  which  different  structures  of  the  pathogen  were 
observed. Applying this technique to naturally infected field samples from a range of 
plant  species  demonstrated  the  assay‘s  potential  application  in  rapidly  identifying 
P. cinnamomi  within  environmental  samples  mounted  onto  microscope  slides  for 
direct  observation  in  epidemiological  studies.  This  assay  will  facilitate  studies  on 
P. cinnamomi with regards to infection, colonisation, and survival in horticultural and 
natural ecosystems. 
The  results  for  specificity  were  consistent  with  the  probe  hybridizing  with 
P. cinnamomi  nuclei  in  plant  tissues  and  the  assay  has  proven  useful  in  detecting 
P. cinnamomi structures within plant cells. A level of expertise however, is required to  
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be able to discriminate between non-specific and specific fluorescence. Non-specific 
fluorescence such as auto-fluorescence from both plant tissues and plant pathogens 
may cause difficulties in interpreting results from the assay. Therefore, the researcher 
should also be familiar with the structures of plant cells and plant pathogens to fully 
utilise this assay.  
Problems with auto-fluorescence have been reported when investigating soil or plant-
associated microorganisms with fluorescent probes (Amann et al., 1990; Hahn et al., 
1993). As a result auto-fluorescence has precluded the use of FISH assay with some 
environmental samples, but this problem can be overcome with the application of dual 
stains and computer imaging (Franke et al., 2000). In the present study, the major 
technical difficulty in the application of FISH was overcoming the auto-fluorescence 
produced by many plant cells without quenching the fluorescence of the P. cinnamomi-
specific probe conjugated with AlexaFluor350.  
Numerous treatments were trialed to counter the non-target background fluorescence 
observed in plant material. Shumway et al. (1988) reported the removal of plant auto-
fluorescence  with  a  weak  sodium  hydroxide  solution.  However,  no  significant 
differences to the auto-fluorescence were seen after the sodium hydroxide treatments 
in this study. Counterstaining with Evans blue was also trialed after quenching success 
was described by Malajczuk et al.(1975) and Holland et al. (1996). This approach 
proved to be inadequate as the counterstain often produced red fluorescence from plant 
cells  under  ultraviolet  excitation,  which  at  times  masked  or  suppressed  the  probe 
fluorescence. Evans blue was also particularly unsuccessful in quenching the auto-
fluorescence of xylem vessels in root materials. 
In contrast, treatment with toluidine blue effectively quenched the auto-fluorescence 
across all plant samples analysed, with the probe fluorescence readily distinguished at  
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ultraviolet excitation (330–385 nm). Toluidine blue was selected for its properties in 
quenching plant cell auto-fluorescence under ultraviolet excitation (Sakai, 1973; Biggs, 
1985).  Fluorescence  from  the  stain  excites  at  560  nm  wavelength,  making  it 
compatible for use with the probe. One complication with the use of toluidine blue was 
that the counterstain  could  only be  applied post  hybridization as  it was  soluble in 
ethanol and alkaline solutions. 
In this study, the sensitivity of the assay was not investigated as it was difficult to 
positively distinguish  P. cinnamomi structures  from other oomycetes such as other 
Phytophthora  species  and  Pythium  that  have  morphologically  similar  structures. 
Although this method is a direct approach for the detection of P. cinnamomi nuclei in 
cells, accurate quantification of P. cinnamomi concentration would still rely on PCR 
detection as described by Eshraghi et al. (2011). The use of more sensitive molecular 
techniques  such  as  PCR  detection  however,  does  not  allow  the  microscopic 
examination of the pathogen within the host tissue. PCR results could infer presence or 
absence  of  P. cinnamomi  within  root  material  but  does  not  accurately  identify  the 
mycelium and spores of P. cinnamomi from other fungi or oomycetes, or provide us 
with an understanding of how the pathogen might be surviving in plant tissues. The 
demonstrated species-specificity for the detection of P. cinnamomi within host tissue is 
an advantage that this FISH assay has over current isolation and detection techniques. 
Mycelium and other fungal or oomycete structures attached to the surface of the plant 
materials  were  often  observed  to  wash  off  during  the  numerous  washing  steps 
involved. This is one limitation of the assay, precluding the use of it on material that 
has only mycelium growth on the surface.  
The probe was observed to penetrate the layers of plant cell walls and hybridize with 
P. cinnamomi embedded within all plant materials analysed. The ability of the probe to  
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penetrate several layers of plant cells allows application to thick sections and a wider 
variety  of  plant  material.  For  example,  the  FISH  assay  aided  in  the  detection  of 
P. cinnamomi  within  the  woody  root  tissue  of  S. diuroides  when  difficulties  with 
viewing  the  pathogen  under  bright  field  magnification  were  encountered.  This 
advantage allows for the localisation and microscopic examination of infection sites in 
plant material.  
The success of the FISH assay in detecting P. cinnamomi structures within naturally 
infected  roots  sourced  from  Willowdale,  Western  Australia  demonstrated  the 
applicability of the technique to field samples. As such, the assay can also be applied 
to undigested roots found in feral pig faeces to better understand the role of feral pigs 
in  vectoring  of  the  pathogen  through  their  digestive  tract.  The  detection  of 
P. cinnamomi in the presence of Pythium spp. within the same root tissue highlights 
that  this  assay  may  prove  to  be  a  much  more  powerful  tool  than  isolation/culture 
techniques which not only rely on growth of P. cinnamomi but are also prone to false 
negatives  (Marks  and  Kassaby,  1974;  Tsao  and  Guy,  1977;  Hüberli  et  al.,  2000; 
Davison and Tay, 2005). Although molecular techniques such as PCR assays might be 
more  sensitive,  amplification  inhibitors  within  the  samples  may  also  prevent  the 
detection  of  the  pathogen.  The  FISH  assay  can  be  used  to  overcome  these  issues 
encountered  with  using  isolation/culture  and  molecular  techniques  to  detect  for 
presence of P. cinnamomi. 
The analysis of the infected plant materials recovered after passage through the pig 
digestive tract showed that P. cinnamomi was located within plant cells and in the 
intercellular spaces between the plant cells. The pathogen was detected within the cells 
of the epidermal layer of infected millet seeds and intercellular spaces of the axial rays 
of pine plugs. The localisation of P. cinnamomi within these structures could explain  
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how the pathogen was able to survive passage through the digestive process. The plant 
cells  surrounding  P.  cinnamomi  propagules  might  have  protected  the  pathogen 
established within the plant cells from the digestive process. Similarly, analyses of 
laboratory-cultured  and  naturally  infected  roots  highlighted  that  P.  cinnamomi 
propagules  can  be  found  within  both  plant  cells  and  intercellular  spaces.  These 
findings have improved the knowledge of the mechanisms of P. cinnamomi infection 
and survival within plant cells. 
Hyphae,  which  are  the  growing  structures  of  P.  cinnamomi,  were  often  found 
intracellularly  within  the  plant  cells.  This  suggests  that  the  plant  cells  could  be  a 
nutrient source for the pathogen. Whilst chlamydospores, which are resilient structures, 
can remain dormant, were observed in intercellular spaces. This could be interpreted as 
an indication of the pathogen entering a ―hibernation‖ phase, awaiting conditions to be 
favourable  for  sporulation.  The  infection  of  chlamydospores  into  the  intercellular 
spaces might aid the survival of the pathogen through long durations in the digestive 
tract, as the plant trial has demonstrated that plant substrates recovered after 7 days of 
initial ingestion still contained viable P. cinnamomi that could infect susceptible plant 
species.  
The ability of P. cinnamomi to persist in both intracellular and intercellular spaces 
highlights  the  survival  mechanisms  and  resourcefulness  of  the  pathogen.  This 
adaptability might have facilitated the survival of the pathogen to passage through the 
pig digestive tract. Future applications of the FISH assay can be aimed at the detection 
of  P.  cinnamomi  within  undigested  roots  found  in  feral  pig  faeces  and  also  soil 
samples collected from the pigs. 
While  several  studies  have  investigated  the  application  of  FISH  in  chromosomal 
mapping studies of Phytophthora species (Moy et al., 2004, Tian et al., 2006), this is to  
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our knowledge the first application of the technique in planta for cytological analysis. 
This study demonstrates the application of FISH for the detection of P. cinnamomi in 
plants  without  isolation  into  pure  culture  while  maintaining  the  integrity  of  the 
pathogen  and  the  plant  cells.  This  assay  will  improve  further  investigation  of  the 
pathogenic pathways and survival of P. cinnamomi within host tissues, as well as plant 
pathogenic  interactions  within  the  root  and  rhizosphere  environments.  This  study 
reports the first application of FISH for the detection of P. cinnamomi within a range 
of  plant  cells.  The  assay  could  be  further  enhanced  if  combined  with  confocal 
microscopy to overcome topographic limitations and image analysis to quantify signal 
distribution. Future directions would include application of this assay with multiple 
probes,  each  labeled  with  a  different  dye,  allowing  detection  of  multiple  species 
viewed under different excitations. Using a confocal or multi-photon microscope it 
would  be  possible  to  visualize  the  different  target-probe  complexes  to  further 
investigate multiple plant-pathogen interactions. 
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CHAPTER 6 
General discussion 
This study aimed to investigate the potential of feral pigs, an introduced species, to 
disperse the highly invasive soil-borne plant pathogen Phytophthora cinnamomi. To 
date,  research  into  these  two  invasive  species  have  typically  focused  on  them  in 
isolation with regard to their impact on natural ecosystems. For example, Hone (2002) 
studied the impacts of pig rooting on the plant species richness and extent of ground 
damage in Namadgi National Park, south-eastern Australia, and Shearer et al. (2004) 
surveyed native plant species of south-western Australia to determine the estimated 
proportion of native flora that are susceptible to P. cinnamomi. This study however, 
focused  on  the  interaction  between  feral  pigs  and  P.  cinnamomi  and  the  resultant 
spread of this plant pathogen. This study has highlighted a commensal relationship in 
which feral pigs are capable of disseminating P. cinnamomi, potentially increasing the 
likelihood the pathogen‘s spread.  
The  spread  of  P.  cinnamomi  in  the  environment  is  most  commonly  a  result  of 
movement of infested water and soil transport. Human activities such as road building, 
timber  harvesting,  wildflower  picking,  bush-walking,  four-wheel  driving,  firebreak 
management and planting diseased nursery stocks have played a significant role in the 
spread of P. cinnamomi, primarily through the movement of infested soil (Hardy et al., 
2001).  Whilst  human  activities  that  contribute  to  the  spread  of  this  pathogen  can 
theoretically be managed, the movement of P. cinnamomi infested material by wildlife, 
such as feral pigs, is largely beyond our control. Hence, there is a need to investigate 
the risks associated with the transport of P. cinnamomi by feral pigs, and was carried 
out in this present study.   
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The  close  contact  between  feral  pigs  and  soil  due  to  their  feeding,  digging  and 
wallowing  activities  increases  the  likelihood  of  pigs  coming  into  contact  with 
P. cinnamomi infested material. This risk is further increased when pigs were found to 
dig and root, up to 13.3% of a 29 km
2 ground area in the mountain forest woodland, 
south-eastern Australia (Hone, 1988). The lack of detection/isolation of P. cinnamomi 
from soil samples collected from feral pigs in this study does not necessarily indicate 
that pigs do not transport the pathogen in infested soil. Kliejunas and Ko (1976) have 
previously demonstrated that feral pigs are capable of transporting P. cinnamomi on 
their bodies in infested soil. The isolation of P. cinnamomi from mud collected from 
pigs  in  Hawaii  in  relation  to  the  lack  of  detection  in  the  current  study  may  be  a 
reflection  of  differences  in  soil  and  environmental  conditions  such  as  climatic 
conditions: rather than the ability for pigs to spread the pathogen. The availability of 
host for P. cinnamomi in Hawaii in the form of ohia (Metrosideros collina) leaves 
formed  on  the  ground  as  litter  provides  an  inoculum  source  for  the  pathogen  to 
sporulate. The leaf litter formed on the ground of the jarrah forest may not be effective 
as an inoculum source because ohia leaves are highly susceptible to  P. cinnamomi 
infection. In addition, mud was reported to be collected suggesting that the ground 
might  be  cold  and  wet,  which  creates  a  favourable  environment  for  pathogen 
sporulation. The lack of this type of inoculum source and climatic conditions during 
sampling  in  the  jarrah  forest  would  have  decreased  the  chance  of  isolating 
P. cinnamomi due to a smaller pathogen population as compared to Hawaii.  
The  survival  and  sporulation  of  P.  cinnamomi  in  soil  requires  warm  and  moist 
conditions  (Shearer and Tippett, 1989). The Mediterranean  climate of  the northern 
jarrah  forest  (cool  wet  winters  and  hot  dry  summers)  results  in  fluctuating  soil 
temperature  and  moisture  conditions  which  influences  the  temporal  change  in 
P. cinnamomi  activity  throughout  the  year,  as  highlighted  in  Figure.  2.11  (Hardy,  
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2000).  Soil  in  the  jarrah  forest  has  been  reported  to  be  sufficiently  moist  for 
P. cinnamomi growth and reproduction only in spring, autumn and winter (Weste and 
Marks, 1987). The soil profile of the jarrah forest is typically 0.5-1 m of gravelly, 
sandy, loam topsoil covering a concretionary layer of bauxite ~5 m thick and another 
30 m of kaolinitic clay extending to the bedrock (Abbott and Loneragan, 1986). This 
sandy  loam  and  gravel  topsoil  when  wet  and  moist  are  stimulatory  to  sporangial 
production (Hardy et al., 2007), however jarrah soil has been reported to be a difficult 
medium from which to isolate P. cinnamomi due to soil dryness, especially during 
summer (Shea, 1979; Weste and Marks, 1987). The dry conditions experienced during 
the summer sampling period in this study may therefore have influenced the survival 
and persistence of P. cinnamomi in the gravelly sandy loam topsoil that was collected, 
consequently affecting the detection/recovery of the pathogen from these samples. 
The survival and persistence of P. cinnamomi in soil is also dependent on the presence 
of organic matter (Weste and Vithanage, 1979). Organic substrates serve as a nutrient 
supply for the pathogen (Cahill et al., 2008), as such a low concentration of organic 
matter in soil can aid in chlamydospores survival (Weste and Vithanage, 1979). This is 
in contrast to the soil samples collected from pigs in the present study. The fine, dusty 
nature of soil  recovered from  individual pigs  due to  the dry  conditions  during the 
sampling period in addition to the observed lack of organic matter, as a nutrient source, 
within the soil collected would suggest that P. cinnamomi might not be able to survive 
and persist in the sampled soil. In addition, as previously discussed in section 2.4, the 
trap design not only reduced the volume of soil recoverable from the feral pigs, it 
could also have helped dislodge any infested soil that was on the bodies of the trapped 
pigs. Hence, these factors would have reduced the likelihood of recovering or detecting 
P. cinnamomi from these samples.   
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Whilst the present study failed to isolate P. cinnamomi, plated soil samples were often 
observed to overgrow with other saprophytic fungi such as Pythium spp. Generally, 
Pythium spp. grow more rapidly than most Phytophthora spp. (Tsao and Ocana, 1969). 
This might have masked the growth of P. cinnamomi on the media plates, as Pythium 
spp.  infestation  have  been  reported  to  cause  difficulties  in  the  isolation  of 
Phytophthora spp. from soil due to Pythium overgrowth (Marks et al., 1975; Masago 
et al., 1977; Tsao and Guy, 1977). As such, P. cinnamomi could have been present in 
the  soil  samples  but  the  presence  of  Pythium  spp.  might  have  prevented  the 
isolation/detection of P. cinnamomi. However, the isolation of Pythium spp., which is 
also a soil-borne pathogen, from the soil samples indicates that feral pigs are able to 
transport soil-borne pathogens. This observation, in conjunction with the findings of 
Kliejunas and Ko (1976), supports the potential for feral pigs to act as vectors in the 
spread of soil-borne pathogens, including P. cinnamomi, through soil movement. They 
could sustain a continual dissemination of viable P. cinnamomi within disease-free and 
infested areas. This can occur either via soil transport or ingestion of infested root 
material as demonstrated in the feeding trial (section 4.3). 
Since P. cinnamomi survives and persists typically in soil and underground organic 
substrates  (Cahill  et  al.,  2008),  the  high  frequency  of  plant  material,  in  particular 
underground roots, consumed by feral pigs would increase the likelihood of pathogen 
ingestion. If ingested, the pathogen could survive in the organic substrates and passage 
through the pigs‘ digestive tract as demonstrated in the feeding trial (section 4.3). The 
host plant material might aid the passage of P. cinnamomi through the digestive tract 
by  offering  protection  to  the  pathogen  from  the  digestion  process,  consequently 
providing a method for feral pigs to disseminate the pathogen.   
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The non-fastidious diet of feral pigs in the northern jarrah forest as demonstrated in the 
present study is similar to diet analyses of pigs worldwide, with underground plant 
material frequently consumed. The high occurrence of underground plant substrates in 
the diet of feral pigs infers a content of organic matter in their faeces which could 
contain the pathogen. Indeed undigested or semi-digested plant material was observed 
to be a major component of feral pig faeces collected from the environment (Figure 
1.8),  when  investigating  the  presence  of  P.  cinnamomi  (section  2.2.5).  Whilst 
screening of faecal samples from the pigs failed to detect P. cinnamomi, the isolation 
of other saprophytic fungi i.e. Mucor and Fusarium spp. demonstrated the ability of 
pigs to transport soil-borne pathogens through their digestive system. These results 
further support the demonstrated survival of P. cinnamomi through the pig digestive 
system via the feeding trial (section 4.3). 
Masters (1979) fed naked chlamydospores to pigs and found that the pathogen was not 
able to survive the digestion process, possibly due to the temperature within the pig 
digestive tract. It was suggested that a more bulky diet inoculated with more resistant, 
naturally produced chlamydospores might increase the recovery of P. cinnamomi from 
the  faeces.  Bulky  material,  in  particular  organic  substrates,  as  a  natural  host  for 
P. cinnamomi may offer some protection to the pathogen from the temperature and 
enzymatic chemicals during the digestive process. The analysis of the ingested infected 
plant  materials  recovered  from  the  feeding  trial  highlighted  the  localisation  of 
P. cinnamomi within plant cells and in the intercellular spaces of plant cells (section 
5.3.3.1). The plant cells surrounding the pathogen may have protected P. cinnamomi 
structures from the digestive process, enabling the pathogen to survive passage through 
the  pig  digestive  tract,  and  maintaining  viability.  The  pathogen  might  also  draw 
nutrients from the plant cells during passage to enhance its growth and ultimately the 
survival through passage.   
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Whilst this study provided strong experimental evidence of P. cinnamomi surviving 
passage through the pig digestive tract, the reduction in quantity and viability of the 
pathogen upon recovery (section 4.3) suggests that it is not impervious to the digestion 
process. This reduction however, does not mean that the digestion process eliminates 
the  survival  of  the  pathogen.  The  plant  trial  showed  that  even  low  quantities  of 
P. cinnamomi within infected plant material that passaged after 7 days was still able to 
establish infections in susceptible plants, therefore the risk of spread is still significant.  
In addition, the feeding trial used only a single bolus of each infected plant material in 
isolation, whereas feral pigs are possibly exposed to the pathogen repeatedly given that 
their  diet  frequently  consists  of  underground  plant  material  throughout  the  year 
(Masters, 1979). The additive and cumulative effect of daily consumption of a range of 
different infested plant material would be expected to result in a continuous source of 
pathogen dissemination. Consequently, the repeated exposure to P. cinnamomi through 
their diet could in effect increase the risk for feral pigs to spread the pathogen.  
Results from the feeding trials demonstrated that root materials take up to 3 days to 
totally passage from a single feeding event. Despite a high level of maceration and 
digestion,  10%  of  the  consumed  root  material  survived  passage  through  the  pig 
digestive tract. Whilst only a small amount of root material was recovered in the pig 
faeces, the potential for daily spread even in small amounts, coupled with the highly 
mobile nature of feral  pigs  across the landscape can  lead to  wide dispersal  of  the 
pathogen. Feral pigs have access to root material throughout the year and as such the 
passage of potentially infected root material through their digestive systems could be 
constantly maintained year round. This represents a potentially continuous source for 
spread  of  the  pathogen  with  pigs  serving  as  wandering  P.  cinnamomi  vectors, 
dispersing both active and/or inactive life stages of P. cinnamomi. The effect of feral  
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pigs acting as a vector is likely to be greater than dead-end or spillover hosts, given the 
average  lifespan  of  a  feral  pig.  Furthermore,  they  are  not  affected  by  pathogen 
infection or dieback disease which is inflicted by P. cinnamomi. 
Active  P. cinnamomi  life  stages  such  as  hyphae  may  survive  passage  through  the 
digestive tract however, if conditions  for  growth and  reproduction are  not  optimal 
when  deposited  into  the  environment,  the  pathogen  might  not  survive.  Inactive 
P. cinnamomi life stages such as dormant chlamydospores could be spread within plant 
material within faeces and survive up to 2 months before conditions become warm and 
moist  for  reproduction  (Weste  and  Marks,  1987).  This  would  therefore  aid  in  the 
dispersal of P. cinnamomi even during the drier months of the year when conditions 
are not optimal for pathogen survival or reproduction. 
Feral pigs in the jarrah forest travel an average daily distance of 2–3 km (P. Adams, 
pers. comm.). In many cases, movement over this distance represents traversing their 
entire home range on a daily basis. This study demonstrated that pigs can harbour 
P. cinnamomi within organic plant material in their digestive tracts for up to 7 days. 
This increases the risk of prolonged distribution of the pathogen by individual pigs in 
comparison to soil movement on their hooves or due to wallowing. The prolonged 
dissemination  of  viable  P.  cinnamomi  from  a  single  feeding  under  controlled 
laboratory conditions demonstrates that pigs do not need to continuously consume the 
pathogen to shed viable material for a period of up to 7 days. In reality, pigs could feed 
intermittently on infected plant material and still be a source for continuous spread of 
P. cinnamomi throughout the forest, serving as a maintenance host for the pathogen. 
The survival of P. cinnamomi inside plant material passaged through the pig digestive 
system coupled with the distances they travel and time taken for passage represents an 
accelerated rate of dispersal throughout the landscape. Feral pigs  typically disperse  
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along water courses, especially during the drier months of the year (Choquenot et al., 
1996), which coincides with the natural spread of P. cinnamomi i.e. via water drainage 
downslope (Weste and Ruppin, 1975). Feral pigs may consume infected plant material 
and deposit them along water ways during their travels. Furthermore, ground rooting 
by  feral  pigs  was  observed  throughout  the  year  and  was  concentrated  typically  at 
higher elevations and drainage lines in Namadgi National Park, south-eastern Australia 
occurred (Hone, 2002). This facilitates the passive dispersal of the pathogen when 
abiotic factors such as rainfall occurs and washes the pathogen downslope. In addition, 
feral pig faeces were found to persist for up to 16 months, depending on season and 
climatic conditions while chlamydospores of P. cinnamomi are able to survive and 
multiply for up to eight months host-free (Hone and Martin, 1998; McCarren et al., 
2005).  The  rapid  decay  of  pig  faeces  in  November  and  December  is  ideal  for 
P. cinnamomi sporulation, especially for sporangium production and zoospore release 
(Cary, 1982; Duniway, 1983; Hone and Martin, 1998). The persistence and biological 
life cycle of the pathogen aid feral pigs in their role as a long term maintenance host.  
Furthermore,  by  potentially  spreading  the  pathogen  within  plant  material  in  their 
faeces,  feral  pigs  are  also  capable  of  carrying  P.  cinnamomi  upslope  and  across 
ridgelines, which abiotic factors are incapable of achieving. Feral pigs can disperse 
P. cinnamomi  to  gravelly  sandy  loam  found  in  upland  sites,  which  are  more 
stimulatory  to  sporangia  production  (Hardy  et  al.,  2007),  therefore  promoting  the 
active  spread  of  the  pathogen  via  motile  zoospores  and  also  allowing  the  passive 
dispersal of the pathogen downslope via water drainage, consequently leading to a 
wider spread. Whilst natural upslope spread of P. cinnamomi via root to root contact 
progresses at approximately 80 cm per year (Shea, 1979), feral pigs are able to cover 
this  distance  easily.  Hence,  feral  pigs  are  not  only  an  influence  in  increasing  the 
susceptibility of the forest to P. cinnamomi infection, in addition they also have the  
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potential to increase the rate of pathogen spread. During summer, when environmental 
conditions are not stimulatory for sporangium production (Weste and Marks, 1987; 
Hardy et al., 2007), the pigs may consume and deposit viable chlamydospores that can 
remain dormant until conditions are favourable again in autumn.  
Decreasing soil moisture is known to stimulate the formation of chlamydospores by 
P. cinnamomi to enhance its survival through periods when environmental conditions 
are  unfavourable  (McCarren  et  al.,  2005).  Chlamydospores  are  thought  to  be  an 
integral survival mechanism of P. cinnamomi (McCarren et al., 2005), enabling it to 
persist for up to 8 months within soil and host tissues (Weste and Marks, 1987). These 
resilient structures along with hyphae were observed to persist within the intercellular 
spaces of plant material recovered from the pig digestive tract (section 5.3.3.1). This 
suggests  that  organic  material  such  as  plant  structures  can  provide  protection  to 
P. cinnamomi from harsh conditions within the pig digestive tract.  
The survival of chlamydospores demonstrates the resilience of the pathogen which can 
subsequently persist and establish new infestations when conditions are optimal within 
the  soil  following  passage.  The  survival  of  chlamydospores  and  prolonged 
dissemination  of  the  pathogen  through  the  pig  digestive  system  can  result  in 
persistence and wider spread of P. cinnamomi in the ecosystem when feral pigs ingest 
infested  plant  material  and  deposit  viable  chlamydospores  within  their  faeces  in 
susceptible vegetation. 
The impact that feral pigs have on forest ecosystems through their feeding and rooting 
behaviour  has  also  been  linked  to  an  increased  susceptibility  of  the  forest  to 
P. cinnamomi  infection.  Studies  have  anecdotally  associated  the  spread  of 
P. cinnamomi with the soil disturbance and vegetation damage caused by feral pigs. 
An association of pig activities that caused soil disturbances was observed by Brown  
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(1976) to increase the susceptibility of the rainforest in Queensland to infections of 
P. cinnamomi.  Observations  of  pig  diggings  in  the  jarrah  forest  have  also  been 
associated with the invasion of P. cinnamomi into an area previously cleared of the 
pathogen (M. Stukely, pers. comm.). Hone (1988) studied effects of environmental 
factors on the extent of feral pig digging and found that the frequency and extent of pig 
rooting was curvilinearly related to pig abundance, suggesting that the frequency of 
pig-related  soil  disturbances  would  increase  when  there  are  more  pigs  within  the 
population.  
Rooting  and  digging  activities  of  feral  pigs  invariably  damage  plant  root  systems 
causing the loss of the root epidermal layer, hence exposing the vascular system of the 
plant roots to infection with P. cinnamomi. Soil disturbance as a result of these digging 
activities could also increase the soil temperature subsequently facilitating the onset of 
infection. Therefore, the dissemination of viable P. cinnamomi inside plant material 
within  pig  faeces  into  freshly  disturbed  areas  could  increase  the  likelihood  of 
P. cinnamomi  establishing  active  infections  and/or  a  new  outbreak  in  previously 
uninfected forest.  
It is not known if feral pigs favour infected roots, but this study has demonstrated that 
pigs consume P. cinnamomi and could therefore be expected to consume infected plant 
roots if encountered in the bush without hesitation. Further studies could be aimed at 
investigating if pigs would have preference over infected roots by setting up a feeding 
trial that administers both inoculated and non-inoculated root materials and allow the 
pigs to choose. However, the opportunistic and non-fastidious feeding habit of pigs 
however,  means  that  they  will  consume  both  infected  and  uninfected  roots  when 
available. Therefore, the likelihood of spread for P. cinnamomi infected material by 
feral pig consumption is established.  
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Another  impact  study  could  be  aimed  at  investigating  the  rate  of  spread  of  the 
pathogen by feral pigs through their digestive system. A field-feeding trial could be set 
up in an enclosed area cleared of P. cinnamomi located within the jarrah forest. The 
feral  pigs  contained  within  the  enclosure  would  be  provided  a  single  bolus  of 
inoculated plant substrate and rate of dieback spread can then be monitored within 
plots of the study site by inspecting the soil for presence of P. cinnamomi and using 
diseased seedlings of susceptible plants as indicators of spread. 
In addition to the survival of P. cinnamomi through the pig digestive tract, the recovery 
of Mucor and Fusarium spp. from feral pig faeces (see section 2.3.4) highlights the 
potential for spread of other plant pathogens. It is highly likely that other Phytophthora 
species in addition to P. cinnamomi as well as other soil-borne plant pathogens that 
infect and colonise plant roots could also be disseminated in a similar fashion by pigs. 
This suggests that feral pigs are capable of spreading a range of plant pathogens that 
may have devastating effects on nursery stocks and agriculture crops. Farmers and 
nursery owners have long regarded feral pigs as pests due to crop loss via feeding and 
soil disturbance. This study raises an additional concern that feral pigs also pose a 
biosecurity threat with regards to the plant diseases they can potentially disseminate 
viable P. cinnamomi within the pig‘s digestive tract across considerable distance. This 
represents a potential pathway for the spread of novel species to new areas.  
Hybrid  Phytophthora  species  have  recently  been  documented  as  important  plant 
pathogens throughout the world (Brasier, 2008), and feral pigs have the potential to 
facilitate the mixing of Phytophthora species within the environment. The transport of 
viable  Phytophthora  species  within  the  pig  digestive  tract  across  considerable 
distances represents a risk for the spread of novel species to new areas.   
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In  conclusion,  although  feral  pigs  and  P.  cinnamomi  have  their  own  individual 
impacts, interaction between these two species has been shown to have a potentially 
compounding effect. The implication of the spread of plant disease by feral pigs is 
applicable to ecosystems throughout the world where feral pigs and soil-borne plant 
pathogens co-exist. The results of this study have demonstrated that feral pigs can 
influence  the  spread  of  P.  cinnamomi.  Hence,  it  is  critical  that  pig  management 
strategies are incorporated as part of P. cinnamomi management, with considerations 
of their involvement in the pathogen‘s vectoring being taken into consideration. This 
would include the control of pig movements, specifically to exclude pigs from entering 
non-infested areas to prevent pathogen spread into these areas. Feral pigs should be 
included  in  any  P.  cinnamomi  management  plan  when  present  in  areas  with  plant 
communities  that  are  susceptible  to  Phytophthora-mediated  dieback  infection.  One 
cannot also exclude the role of recreational hunters deliberately trapping and moving 
pigs to develop new hunting areas. The tension between recreational forest users and 
conservation efforts can confound disease management efforts. 
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APPENDICES 
Appendix 1  Discriminant analysis to determine the significance of 
age group, sex, area and period of capture on diet selection.  
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Appendix 2  Multiple regression analysis of individual food items to 
determine  the  factors  influencing  the  consumption  of  each  food 
item.  
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Appendix 3  Sequences and alignment of the internal transcribed 
spacer  ITS1-5.8S-ITS2  region  of  rDNA  from  Phytophthora 
cinnamomi  isolate  MP94.48  and  isolates  from  the  pine  (Pinus 
radiata) plugs recovered from the feeding trial. 
 
                ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                      5          15         25         35         45         55                      
MP94.48           CAAGCACACA AGTGCGCCGC AGAGACACAG AGTTCCCAAA TGGATCGACC CTCGACAGCC  
Isolate from P0   CAAGCACACA AGTGCGCCGC AGAGACACAG AGTTCCCAAA TGGATCGACC CTCGACAGCC  
Isolate from P1-3 CAAGCACACA AGTGCGCCGC AGAGACACAG AGTTCCCAAA TGGATCGACC CTCGACAGCC  
Isolate from P1-3 CAAGCACACA AGTGCGCCGC AGAGACACAG AGTTCCCAAA TGGATCGACC CTCGACAGCC  
Isolate from P1-3 CAAGCACACA AGTGCGCCGC AGAGACACAG AGTTCCCAAA TGGATCGACC CTCGACAGCC  
Isolate from P4-7 CAAGCACACA AGTGCGCCGC AGAGACACAG AGTTCCCAAA TGGATCGACC CTCGACAGCC  
Isolate from P4-7 CAAGCACACA AGTGCGCCGC AGAGACACAG AGTTCCCAAA TGGATCGACC CTCGACAGCC  
Isolate from P4-7 CAAGCACACA AGTGCGCCGC AGAGACACAG AGTTCCCAAA TGGATCGACC CTCGACAGCC  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                      65         75         85         95        105        115                    
MP94.48           GAAGCCGCCA CCCTACTTCG CAACAACACC GCCGGTTCAA ACGCCAAGCC TAGCACAGCT  
Isolate from P0   GAAGCCGCCA CCCTACTTCG CAACAACACC GCCGGTTCAA ACGCCAAGCC TAGCACAGCT  
Isolate from P1-3 GAAGCCGCCA CCCTACTTCG CAACAACACC GCCGGTTCAA ACGCCAAGCC TAGCACAGCT  
Isolate from P1-3 GAAGCCGCCA CCCTACTTCG CAACAACACC GCCGGTTCAA ACGCCAAGCC TAGCACAGCT  
Isolate from P1-3 GAAGCCGCCA CCCTACTTCG CAACAACACC GCCGGTTCAA ACGCCAAGCC TAGCACAGCT  
Isolate from P4-7 GAAGCCGCCA CCCTACTTCG CAACAACACC GCCGGTTCAA ACGCCAAGCC TAGCACAGCT  
Isolate from P4-7 GAAGCCGCCA CCCTACTTCG CAACAACACC GCCGGTTCAA ACGCCAAGCC TAGCACAGCT  
Isolate from P4-7 GAAGCCGCCA CCCTACTTCG CAACAACACC GCCGGTTCAA ACGCCAAGCC TAGCACAGCT  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     125        135        145        155        165        175                
MP94.48           ACGGTTCACC GATCCGTACC GCCACAGCAG GAAGAACATC CAATAAGCGC TTTGTTCAGC  
Isolate from P0   ACGGTTCACC GATCCGTACC GCCACAGCAG GAAGAACATC CAATAAGCGC TTTGTTCAGC  
Isolate from P1-3 ACGGTTCACC GATCCGTACC GCCACAGCAG GAAGAACATC CAATAAGCGC TTTGTTCAGC  
Isolate from P1-3 ACGGTTCACC GATCCGTACC GCCACAGCAG GAAGAACATC CAATAAGCGC TTTGTTCAGC  
Isolate from P1-3 ACGGTTCACC GATCCGTACC GCCACAGCAG GAAGAACATC CAATAAGCGC TTTGTTCAGC  
Isolate from P4-7 ACGGTTCACC GATCCGTACC GCCACAGCAG GAAGAACATC CAATAAGCGC TTTGTTCAGC  
Isolate from P4-7 ACGGTTCACC GATCCGTACC GCCACAGCAG GAAGAACATC CAATAAGCGC TTTGTTCAGC  
Isolate from P4-7 ACGGTTCACC GATCCGTACC GCCACAGCAG GAAGAACATC CAATAAGCGC TTTGTTCAGC  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     185        195        205        215        225        235                
MP94.48           CGAAGCCAAC CATACCGCGA ATCGAACACT CCTCCATTAA ACGCCGCAGC AGACAAACCG  
Isolate from P0   CGAAGCCAAC CATACCGCGA ATCGAACACT CCTCCATTAA ACGCCGCAGC AGACAAACCG  
Isolate from P1-3 CGAAGCCAAC CATACCGCGA ATCGAACACT CCTCCATTAA ACGCCGCAGC AGACAAACCG  
Isolate from P1-3 CGAAGCCAAC CATACCGCGA ATCGAACACT CCTCCATTAA ACGCCGCAGC AGACAAACCG  
Isolate from P1-3 CGAAGCCAAC CATACCGCGA ATCGAACACT CCTCCATTAA ACGCCGCAGC AGACAAACCG  
Isolate from P4-7 CGAAGCCAAC CATACCGCGA ATCGAACACT CCTCCATTAA ACGCCGCAGC AGACAAACCG  
Isolate from P4-7 CGAAGCCAAC CATACCGCGA ATCGAACACT CCTCCATTAA ACGCCGCAGC AGACAAACCG  
Isolate from P4-7 CGAAGCCAAC CATACCGCGA ATCGAACACT CCTCCATTAA ACGCCGCAGC AGACAAACCG  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     245        255        265        275        285        295                
MP94.48           GTCGCCGACT GGCCATACAG GCAGCCTCCA CAACCAGCAA CGTCACGCTT TTCGAGCAAA  
Isolate from P0   GTCGCCGACT GGCCATACAG GCAGCCTCCA CAACCAGCAA CGTCACGCTT TTCGAGCAAA  
Isolate from P1-3 GTCGCCGACT GGCCATACAG GCAGCCTCCA CAACCAGCAA CGTCACGCTT TTCGAGCAAA  
Isolate from P1-3 GTCGCCGACT GGCCATACAG GCAGCCTCCA CAACCAGCAA CGTCACGCTT TTCGAGCAAA  
Isolate from P1-3 GTCGCCGACT GGCCATACAG GCAGCCTCCA CAACCAGCAA CGTCACGCTT TTCGAGCAAA  
Isolate from P4-7 GTCGCCGACT GGCCATACAG GCAGCCTCCA CAACCAGCAA CGTCACGCTT TTCGAGCAAA  
Isolate from P4-7 GTCGCCGACT GGCCATACAG GCAGCCTCCA CAACCAGCAA CGTCACGCTT TTCGAGCAAA  
Isolate from P4-7 GTCGCCGACT GGCCATACAG GCAGCCTCCA CAACCAGCAA CGTCACGCTT TTCGAGCAAA  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     305        315        325        335        345        355                
MP94.48           GAGAAGTACA GTTCAGTACA TTTCAAGGGA CTCACAGCCA GTCCGAAGAC CGCCCGCAAG  
Isolate from P0   GAGAAGTACA GTTCAGTACA TTTCAAGGGA CTCACAGCCA GTCCGAAGAC CGCCCGCAAG  
Isolate from P1-3 GAGAAGTACA GTTCAGTACA TTTCAAGGGA CTCACAGCCA GTCCGAAGAC CGCCCGCAAG  
Isolate from P1-3 GAGAAGTACA GTTCAGTACA TTTCAAGGGA CTCACAGCCA GTCCGAAGAC CGCCCGCAAG  
Isolate from P1-3 GAGAAGTACA GTTCAGTACA TTTCAAGGGA CTCACAGCCA GTCCGAAGAC CGCCCGCAAG  
Isolate from P4-7 GAGAAGTACA GTTCAGTACA TTTCAAGGGA CTCACAGCCA GTCCGAAGAC CGCCCGCAAG  
Isolate from P4-7 GAGAAGTACA GTTCAGTACA TTTCAAGGGA CTCACAGCCA GTCCGAAGAC CGCCCGCAAG  
Isolate from P4-7 GAGAAGTACA GTTCAGTACA TTTCAAGGGA CTCACAGCCA GTCCGAAGAC CGCCCGCAAG  
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                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     365        375        385        395        405        415                
MP94.48           ACACCTCACG TCTGGCACCT CCATCCACCG ACTACACGGA AGGAAGAGAG CCAAGTTTGA  
Isolate from P0   ACACCTCACG TCTGGCACCT CCATCCACCG ACTACACGGA AGGAAGAGAG CCAAGTTTGA  
Isolate from P1-3 ACACCTCACG TCTGGCACCT CCATCCACCG ACTACACGGA AGGAAGAGAG CCAAGTTTGA  
Isolate from P1-3 ACACCTCACG TCTGGCACCT CCATCCACCG ACTACACGGA AGGAAGAGAG CCAAGTTTGA  
Isolate from P1-3 ACACCTCACG TCTGGCACCT CCATCCACCG ACTACACGGA AGGAAGAGAG CCAAGTTTGA  
Isolate from P4-7 ACACCTCACG TCTGGCACCT CCATCCACCG ACTACACGGA AGGAAGAGAG CCAAGTTTGA  
Isolate from P4-7 ACACCTCACG TCTGGCACCT CCATCCACCG ACTACACGGA AGGAAGAGAG CCAAGTTTGA  
Isolate from P4-7 ACACCTCACG TCTGGCACCT CCATCCACCG ACTACACGGA AGGAAGAGAG CCAAGTTTGA  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     425        435        445        455        465        475                
MP94.48           TGTACGGACA CTGATACAGG CATACTCCCA GGACTAACCC GGAAGTGCAA TATGCGTTCA  
Isolate from P0   TGTACGGACA CTGATACAGG CATACTCCCA GGACTAACCC GGAAGTGCAA TATGCGTTCA  
Isolate from P1-3 TGTACGGACA CTGATACAGG CATACTCCCA GGACTAACCC GGAAGTGCAA TATGCGTTCA  
Isolate from P1-3 TGTACGGACA CTGATACAGG CATACTCCCA GGACTAACCC GGAAGTGCAA TATGCGTTCA  
Isolate from P1-3 TGTACGGACA CTGATACAGG CATACTCCCA GGACTAACCC GGAAGTGCAA TATGCGTTCA  
Isolate from P4-7 TGTACGGACA CTGATACAGG CATACTCCCA GGACTAACCC GGAAGTGCAA TATGCGTTCA  
Isolate from P4-7 TGTACGGACA CTGATACAGG CATACTCCCA GGACTAACCC GGAAGTGCAA TATGCGTTCA  
Isolate from P4-7 TGTACGGACA CTGATACAGG CATACTCCCA GGACTAACCC GGAAGTGCAA TATGCGTTCA  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     485        495        505        515        525        535                
MP94.48           AAATTTCGAT GACTCACTGA ATCCTGCAAT TCGCATTACG TATCGCAGTT CGCAGCGTTC  
Isolate from P0   AAATTTCGAT GACTCACTGA ATCCTGCAAT TCGCATTACG TATCGCAGTT CGCAGCGTTC  
Isolate from P1-3 AAATTTCGAT GACTCACTGA ATCCTGCAAT TCGCATTACG TATCGCAGTT CGCAGCGTTC  
Isolate from P1-3 AAATTTCGAT GACTCACTGA ATCCTGCAAT TCGCATTACG TATCGCAGTT CGCAGCGTTC  
Isolate from P1-3 AAATTTCGAT GACTCACTGA ATCCTGCAAT TCGCATTACG TATCGCAGTT CGCAGCGTTC  
Isolate from P4-7 AAATTTCGAT GACTCACTGA ATCCTGCAAT TCGCATTACG TATCGCAGTT CGCAGCGTTC  
Isolate from P4-7 AAATTTCGAT GACTCACTGA ATCCTGCAAT TCGCATTACG TATCGCAGTT CGCAGCGTTC  
Isolate from P4-7 AAATTTCGAT GACTCACTGA ATCCTGCAAT TCGCATTACG TATCGCAGTT CGCAGCGTTC  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     545        555        565        575        585        595                
MP94.48           TTCATCGATG TGCGAGCCTA GACATCCACT GCTGAAAGTT GCTATCTAGT TAAAAGCAGA  
Isolate from P0   TTCATCGATG TGCGAGCCTA GACATCCACT GCTGAAAGTT GCTATCTAGT TAAAAGCAGA  
Isolate from P1-3 TTCATCGATG TGCGAGCCTA GACATCCACT GCTGAAAGTT GCTATCTAGT TAAAAGCAGA  
Isolate from P1-3 TTCATCGATG TGCGAGCCTA GACATCCACT GCTGAAAGTT GCTATCTAGT TAAAAGCAGA  
Isolate from P1-3 TTCATCGATG TGCGAGCCTA GACATCCACT GCTGAAAGTT GCTATCTAGT TAAAAGCAGA  
Isolate from P4-7 TTCATCGATG TGCGAGCCTA GACATCCACT GCTGAAAGTT GCTATCTAGT TAAAAGCAGA  
Isolate from P4-7 TTCATCGATG TGCGAGCCTA GACATCCACT GCTGAAAGTT GCTATCTAGT TAAAAGCAGA  
Isolate from P4-7 TTCATCGATG TGCGAGCCTA GACATCCACT GCTGAAAGTT GCTATCTAGT TAAAAGCAGA  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     605        615        625        635        645        655                
MP94.48           GACTTTCGTC CCCACAGTAT GTTCAGTATT ACAGAATGGG TTTAAAAGAG AGGCTACTAG  
Isolate from P0   GACTTTCGTC CCCACAGTAT GTTCAGTATT ACAGAATGGG TTTAAAAGAG AGGCTACTAG  
Isolate from P1-3 GACTTTCGTC CCCACAGTAT GTTCAGTATT ACAGAATGGG TTTAAAAGAG AGGCTACTAG  
Isolate from P1-3 GACTTTCGTC CCCACAGTAT GTTCAGTATT ACAGAATGGG TTTAAAAGAG AGGCTACTAG  
Isolate from P1-3 GACTTTCGTC CCCACAGTAT GTTCAGTATT ACAGAATGGG TTTAAAAGAG AGGCTACTAG  
Isolate from P4-7 GACTTTCGTC CCCACAGTAT GTTCAGTATT ACAGAATGGG TTTAAAAGAG AGGCTACTAG  
Isolate from P4-7 GACTTTCGTC CCCACAGTAT GTTCAGTATT ACAGAATGGG TTTAAAAGAG AGGCTACTAG  
Isolate from P4-7 GACTTTCGTC CCCACAGTAT GTTCAGTATT ACAGAATGGG TTTAAAAGAG AGGCTACTAG  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     665        675        685        695        705        715                
MP94.48           CTCAGTTCCC CCGAGAGGGA CCCAAACGCT CGCCAGTGAT AGGGCCCGCC ACGCAGCAGC  
Isolate from P0   CTCAGTTCCC CCGAGAGGGA CCCAAACGCT CGCCAGTGAT AGGGCCCGCC ACGCAGCAGC  
Isolate from P1-3 CTCAGTTCCC CCGAGAGGGA CCCAAACGCT CGCCAGTGAT AGGGCCCGCC ACGCAGCAGC  
Isolate from P1-3 CTCAGTTCCC CCGAGAGGGA CCCAAACGCT CGCCAGTGAT AGGGCCCGCC ACGCAGCAGC  
Isolate from P1-3 CTCAGTTCCC CCGAGAGGGA CCCAAACGCT CGCCAGTGAT AGGGCCCGCC ACGCAGCAGC  
Isolate from P4-7 CTCAGTTCCC CCGAGAGGGA CCCAAACGCT CGCCAGTGAT AGGGCCCGCC ACGCAGCAGC  
Isolate from P4-7 CTCAGTTCCC CCGAGAGGGA CCCAAACGCT CGCCAGTGAT AGGGCCCGCC ACGCAGCAGC  
Isolate from P4-7 CTCAGTTCCC CCGAGAGGGA CCCAAACGCT CGCCAGTGAT AGGGCCCGCC ACGCAGCAGC  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     725        735        745        755        765        775                
MP94.48           AGCCGTCGAC TTTGACATCG ACAGCCGCCG CCCAGAGCAG GCCCCCAACT AATTGGGTTG  
Isolate from P0   AGCCGTCGAC TTTGACATCG ACAGCCGCCG CCCAGAGCAG GCCCCCAACT AATTGGGTTG  
Isolate from P1-3 AGCCGTCGAC TTTGACATCG ACAGCCGCCG CCCAGAGCAG GCCCCCAACT AATTGGGTTG  
Isolate from P1-3 AGCCGTCGAC TTTGACATCG ACAGCCGCCG CCCAGAGCAG GCCCCCAACT AATTGGGTTG  
Isolate from P1-3 AGCCGTCGAC TTTGACATCG ACAGCCGCCG CCCAGAGCAG GCCCCCAACT AATTGGGTTG  
Isolate from P4-7 AGCCGTCGAC TTTGACATCG ACAGCCGCCG CCCAGAGCAG GCCCCCAACT AATTGGGTTG  
Isolate from P4-7 AGCCGTCGAC TTTGACATCG ACAGCCGCCG CCCAGAGCAG GCCCCCAACT AATTGGGTTG  
Isolate from P4-7 AGCCGTCGAC TTTGACATCG ACAGCCGCCG CCCAGAGCAG GCCCCCAACT AATTGGGTTG   
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                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     785        795        805        815        825        835                
MP94.48           ATACGGTTCA CGTGGAAAGT TTTTTAGGTG TGGTAATGAT CCTTCCGCAG GTTCACCTAC  
Isolate from P0   ATACGGTTCA CGTGGAAAGT TTTTTAGGTG TGGTAATGAT CCTTCCGCAG GTTCACCTAC  
Isolate from P1-3 ATACGGTTCA CGTGGAAAGT TTTTTAGGTG TGGTAATGAT CCTTCCGCAG GTTCACCTAC  
Isolate from P1-3 ATACGGTTCA CGTGGAAAGT TTTTTAGGTG TGGTAATGAT CCTTCCGCAG GTTCACCTAC  
Isolate from P1-3 ATACGGTTCA CGTGGAAAGT TTTTTAGGTG TGGTAATGAT CCTTCCGCAG GTTCACCTAC  
Isolate from P4-7 ATACGGTTCA CGTGGAAAGT TTTTTAGGTG TGGTAATGAT CCTTCCGCAG GTTCACCTAC  
Isolate from P4-7 ATACGGTTCA CGTGGAAAGT TTTTTAGGTG TGGTAATGAT CCTTCCGCAG GTTCACCTAC  
Isolate from P4-7 ATACGGTTCA CGTGGAAAGT TTTTTAGGTG TGGTAATGAT CCTTCCGCAG GTTCACCTAC  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     845        855        865        875        885        895                
MP94.48           GGAAACCTTG TTACGACTTC ACCTTCCTCT AAATGGCGAG GTTTAAACAT CTTTTTATGA  
Isolate from P0   GGAAACCTTG TTACGACTTC ACCTTCCTCT AAATGGCGAG GTTTAAACAT CTTTTTATGA  
Isolate from P1-3 GGAAACCTTG TTACGACTTC ACCTTCCTCT AAATGGCGAG GTTTAAACAT CNTTTTATGA  
Isolate from P1-3 GGAAACCTTG TTACGACTTC ACCTTCCTCT AAATGGCGAG GTTTAAACAT CTTTTTATGA  
Isolate from P1-3 GGAAACCTTG TTACGACTTC ACCTTCCTCT AAATGGCGAG GTTTAAACAT CTTTTTATGA  
Isolate from P4-7 GGAAACCTTG TTACGACTTC ACCTTCCTCT AAATGGCGAG GTTTAAACAT CTTTTTATGA  
Isolate from P4-7 GGAAACCTTG TTACGACTTC ACCTTCCTCT AAATGGCGAG GTTTAAACAT CTTTTTATGA  
Isolate from P4-7 GGAAACCTTG TTACGACTTC ACCTTCCTCT AAATGGCGAG GTTTAAACAT CTTTTTATGA  
 
                  ....|....| ....|....| ....|....| ....|....| ....|....| ....|....|  
                     905        915        925        935        945        955                
MP94.48           ATCCACTCGC AATGAAGCAA GCGGACTCAC AATCCGAAGT TTTCACCGAG TCATTCAATC  
Isolate from P0   ATCCACTCGC AATGAAGCAA GCGGACTCAC AATCCGAAGT TTTCACCGAG TCATTCAATC  
Isolate from P1-3 ATCCACTCGC AATGAAGCAA GCGGACTCAC AATCCGAAGT TTTCACCGAG TCATTCAATC  
Isolate from P1-3 ATCCACTCGC AATGAAGCAA GCGGACTCAC AATCCGAAGT TTTCACCGAG TCATTCAATC  
Isolate from P1-3 ATCCACTCGC AATGAAGCAA GCGGACTCAC AATCCGAAGT TTTCACCGAG TCATTCAATC  
Isolate from P4-7 ATCCACTCGC AATGAAGCAA GCGGACTCAC AATCCGAAGT TTTCACCGAG TCATTCAATC  
Isolate from P4-7 ATCCACTCGC AATGAAGCAA GCGGACTCAC AATCCGAAGT TTTCACCGAG TCATTCAATC  
Isolate from P4-7 ATCCACTCGC AATGAAGCAA GCGGACTCAC AATCCGAAGT TTTCACCGAG TCATTCAATC  
 
                  .. 
              
MP94.48           GG 
Isolate from P0   GG 
Isolate from P1-3 GG 
Isolate from P1-3 GG 
Isolate from P1-3 GG 
Isolate from P4-7 GG 
Isolate from P4-7 GG 
Isolate from P4-7 GG 
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Appendix 4  ANOVA and means comparison analyses of substrate 
type and passage time in feeding trial as an independent factor. 
 
ANOVA comparison: Substrate type 
Plant substrate type  Sum of 
Squares  df  Mean 
Square  F  Sig. 
Between Groups  4.67E+13  12  3.89E+12  0.942  0.506 
Within Groups  1.01E+15  245  4.13E+12 
   
Total  1.06E+15  257 
     
 
Means comparison: Substrate type 
Plant substrate type  Mean  N  Std. 
Deviation 
Std. Error 
of Mean 
Millet seeds: M1-3, M4-5  3.62E+03  83  3.15E+04  3.46E+03 
Pine plugs: P1-3, P4-7  4.15E+05  70  2.64E+06  3.16E+05 
Banksia leptophylla roots: R1-3  1.55E+06  21  4.78E+06  1.04E+06 
Uninfected millet seeds: MC  9.52E-05  6  1.53E-04  7.64E-05 
Uninfected pine plugs: PC  1.08E-02  6  3.54E+02  1.07E-02 
Uninfected B. leptophylla roots: RC  1.44E-06  6  1.25E-06  7.20E-07 
Unfed infected millet seeds: M0  1.56E-01  6  2.46E+01  7.09E+00 
Unfed infected pine plugs: P0  4.66E+05  6  1.91E+06  4.18E+05 
Unfed infected B. leptophylla roots: R0  8.40E+04  6  2.66E+05  8.40E+04 
B. baxteri roots from P1  1.05E+06  12  1.40E+06  8.08E+07 
B. baxteri roots from P3  6.48E+06  12  1.28E+05  3.69E+06 
B. baxteri roots from P5  6.28E+06  12  4.01E+06  1.64E+06 
B. baxteri roots from P7  4.07E+06  12  4.37E+06  3.09E+06 
Total  2.81E+05  258  2.03E+06  1.26E+05 
 
Measure of Association 
  Eta  Eta 
Squared 
Plant substrate type  0.210  0.044 
Passage time  0.444  0.197 
 
ANOVA comparison: Passage time 
Time  Sum of 
Squares  df  Mean 
Square  F  Sig. 
Between Groups  1.52E+09  6  2.54E+08  1.599  0.174 
Within Groups  6.20E+09  39  1.59E+08 
   
Total  7.72E+09  45 
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Continued from Appendix 4 
 
Means comparison: Passage time 
Time  Mean  N  Std. 
Deviation 
Std. Error 
of Mean 
Day 1: M1-3, P1-3, R1-3 and B. baxteri roots from P1  5.58E+01  50  2.37E+02  5.58E+01 
Day 2: M1-3, P1-3, R1-3  2.90E+01  38  1.84E+02  2.87E+01 
Day 3: M1-3, P1-3, R1-3 and B. baxteri roots from P3  1.93E+01  50  4.44E+01  1.19E+01 
Day 4: M4-5, P4-7  1.50E+06  23  4.77E+06  7.44E+05 
Day 5: M4-5, P4-7 and B. baxteri roots from P7  1.43E+04  35  6.26E+04  1.37E+04 
Day 6+: P4-7 and B. baxteri roots from P7  2.47E+05  26  1.34E+06  2.05E+05 
Unfed infected millet seeds: M0  3.14E+01  6  1.13E+02  3.14E+01 
Unfed infected pine plugs: P0  1.73E+02  6  1.92E+02  5.80E+03 
Unfed infected B. leptophylla roots: R0  2.31E+03  6  1.27E+04  2.28E+03 
Negatives: Mc, Pc, Rc  6.91E-01  18  2.49E+00  4.97E-01 
Total  2.81E+05  258  2.03E+06  1.26E+05 
 
 